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Preface

The ocean is the largest water body on our planet and interacts with the atmosphere and land
masses through complex cycles of biogeochemical and hydrological processes. It regulates the cli-
mate by the adsorption and transportation of an enormous amount of energy and material, plays a
critical role in the hydrological cycle, sustains a beautiful portion of the earth’s biodiversity, sup-
plies essential food and mineral sources, and its shorelines offer attractive places for living and
recreation. Understanding the chemical composition and processes of the ocean becomes more and
more important, because of the major function played by the ocean in regulating changes in the
global environment. The science community moves toward a greater awareness and understanding
of the ocean’s role in global changes such as climate change, invasion of CO,, eutrophication and
decrease of fish stocks. However, to understand oceanic processes a wide range of measurements
are required in the vast ocean, from the sea surface to deep-ocean trenches, as well from the tropics
to the poles.

Analytical chemistry is a very active and fast-moving field in the science of chemistry today
due to advances in microelectronics, computer, and sensor technologies. Despite the development
of innovative new analytical techniques for chemical trace element research and greater awareness
of quality assurance, today’s marine chemists face formidable obstacles to obtain reliable data at
ultratrace levels. The aim of the book is to provide a common analytical basis for generating quality-
assured and reliable data on chemical parameters in the ocean. It is not attempted to describe the
latest innovation of analytical chemistry and its application in the analysis of seawater, but method-
ologies proved to be reliable and to consistently yield reproducible data in routine work.

The book serves as a source of practical guidelines and know-how in the analysis of seawater,
including sampling and storage, description of analytical technique, procedural guidelines, and
quality assurance schemes. The book presents the analytical methodologies in a logical manner
with step-by-step guidelines that will help the practitioner to implement these methods successfully
into his or her laboratory and to apply them quickly and reliably.

After an introductory chapter of a general description of sampling of seawater and its treat-
ments (e.g., filtration and preservation), Chapters 2—6 are dedicated to describe methodologies for
the analysis of carbon in seawater, from dissolved organic carbon to complex chromophoric dis-
solved organic matter. For methodologies of carbon dioxide measurements, the reader is referred to
Dickson et al.’s Guide to Best Practices for Ocean CO, Measurements (PICES, 2007). Chapter 7
describes the analysis of marine gel particles, a relatively new field in chemical oceanography,
but it is well known that such particles hold an important function in biogeochemical cycles. The
segmented flow analysis of nutrients in seawater has been used for more than four decades and is
the subject of Chapter 8, whereas the analytical procedure for organic nitrogen and phosphorous
is described in Chapter 9. Many studies in chemical oceanography include the analysis of photo
pigments (Chapter 10) due to the impact of primary productivity in many oceanic processes. Chapter
11 deals with analysis of dimethylsulfide produced by phytoplankton communities and well known
to impact the climate, being the initial stage in the production of sulfate-containing aerosols. The
role of iron in the formation of phytoplankton blooms has been under investigation since the 1990s,
and rapid developments in analytical techniques have led to standard procedures, described in
Chapter 12. Chapter 13 describes the analytical procedure for radionuclides used as tracer material,
an essential tool in studying the dynamic of oceanic processes. Marine chemists have been inter-
ested in the distribution of heavy metals for several decades because at elevated levels they cause
a wide range of ecotoxicologal effects, but at trace levels some heavy metals take over important
biogeochemical functions. The analysis of heavy metals as well their specifications is detailed in
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Chapter 14. Finally, Chapters 15 and 16 are the subject of the analysis of various man-made organic
contaminants, often present at elevated levels in coastal waters accumulating in marine food webs.
Chapter 16 presents suggestions and first steps in the standardization of procedures for the analysis
of pharmaceutical compounds in seawater, as concern over such compounds in the marine environ-
ment has risen more recently and procedures for routine analysis have not been established yet.

I thank the authors for their enthusiastic cooperation in the preparation of the book. It was a
pleasure to work with all of them. The chapters were reviewed by other scientists, whose efforts and
time are very much appreciated. I thank CRC Press for giving me the opportunity to publish this
book and for guidance at various stages in the process. My work on the book was accomplished
while I was a postdoctoral scholar at the Institute of Ocean Sciences, Sidney (Canada); I am most
grateful for that scholarship provided by the Deutsche Forschungsgemeinschaft (German Research
Foundation). I thank my loving wife, Ching Fen, for her understanding and encouragement at criti-
cal stages during the preparation and publication process of the book.

Finally, I hope the book will contribute much in future studies of oceanography and will go some
way toward removing some of the mysteries that the ocean still holds for us.
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2 Practical Guidelines for the Analysis of Seawater

1.1 INTRODUCTION

One of the most remarkable achievements in chemical oceanography in recent decades has been
the clarification of the distribution of trace levels of biogeochemically active elements, metals, and
organic pollutants. This success is attributed not only to the development of sophisticated analytical
techniques, but also to the continuous and strenuous efforts of marine chemists to develop clean
sampling and noncontaminating treatment techniques for seawater.

The use of inappropriate material or erroneous handling of sampling equipment and treatment
leads to an enormous risk of sample contamination and consequently to incorrect data. These errors
cannot be corrected afterwards, and sampling, treatment, and storage of samples are very critical
steps in the analysis of seawater.

Developments made during the last two decades include the availability of clean sampling devices
and laboratory facilities on research vessels (Gustafsson et al., 2005; Helmers, 1994), analytical
techniques for shipboard measurements (Achterberg, 2000; Croot and Laan, 2002), and increased
awareness of contamination sources associated with sampling and sample treatment by scientists
(Hillebrand and Nolting, 1987). However, contamination lurks everywhere, often originating from
ship operations and materials in contact with the sample, such as closure mechanisms, sealing,
and containers to collect and store samples. Sample handling requires considerable attention from
marine analytical chemists through rigorous following of protocols and constant awareness of con-
tamination sources.

The distribution of trace constituents is being affected by the dynamic of oceanic processes,
which can greatly disturb the representativeness of samples collected. Physical processes include
turbulences, diffusion, advection, and convection of water masses. Chemical reactions can rapidly
change concentrations of biogeochemical elements and micropollutants, in particular at boundary
layers such as particle surfaces, water-sediment interfaces, and the sea-surface microlayer. Vast
communities of microorganisms in the ocean, including phytoplankton, bacteria, protists, and zoo-
plankton, influence the distribution of organic matter, nutrients, and trace metals through uptake
and remineralization processes. The dynamic of such processes needs to be addressed in the sam-
pling strategy, and requires a reasonable understanding of oceanography from the marine analytical
chemist conducting the sampling.

Overall, the responsibility of the marine analytical chemists conducting the sampling is to ensure
that (1) the sample represents the properties of the study area, that is, two samples collected from the
same water mass are not discriminable from each other (representativeness), and (2) the sample keeps
the properties of interests from the point of collection to the final analytical measurement (stability).

The chapter is divided into five sections, beginning with a discussion on sampling strategies.
The second section provides an overview of errors typically occurring during sampling and sample
treatments. This is followed by the three main sections, in which selections of sampling, filtration,
and sample preservation techniques are discussed. Different techniques for various analytes are
briefly described, and more details on sampling and sample handling for individual analytes are
provided in Chapters 2-16.

1.2 SAMPLING STRATEGY

A sampling strategy is defined as a procedure for the selection, collection, preservation, transpor-
tation, and storage of samples. It also includes the assessment of quality assurance (QA) data, for
example, to ensure representativeness of collected samples, to meet required levels of confidence,
and to estimate sampling errors (Figure 1.1).

The sampling strategy depends on the study area and the objectives of the investigation. It defines
the locations and numbers of stations, vertical resolution, depths and frequency of sampling, and
suitable sampling techniques. Even though the sample strategy depends on the objectives of the
study, some general rules can be applied for the density of stations and frequency of sampling, as
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FIGURE 1.1 Elements of a sampling strategy.

pointed out by Capodaglio (1997). For example, in bays and harbors, a high density of stations and
frequent sampling are required to account for effects by local inputs and tidal changes. Coastal
waters are considerably affected by human activities and experience seasonal changes, and the
sampling strategy depends much on hydrological conditions and their variability. Oceanic waters
present high horizontal homogeneity, but require sampling with a higher vertical resolution due to
the presence of stratified water layers with different properties.

In situ measurement of salinity and temperature gives important and readily accessible informa-
tion of homogeneity of the water masses within the study area, whereas fluorescence in situ as a
proxy for Chl-a provides data about depth and zones of maximum biomass of phytoplankton com-
munities (Capodaglio, 1997).

Standard depths are commonly used to collect oceanographic parameters for global databases,
such as World Ocean Database (NOAA) and Joint Global Ocean Flux Study (JGOFS). However,
the standard depths are clearly not applicable for studies addressing specific objectives, such as at
boundary layers and stratified water masses.

Oceanography is a broad and multidisciplinary field of science, and biologists, chemists, geolo-
gists, and physicists often participate together in cruises. The selection of sampling sites and depth
resolution depends on several requirements, and compromises need to be made. Consequently, the
chemists often share water samples with other scientists onboard, and the sampler device should be
checked prior to the cruise to ensure it fulfills the requirements of the trace constituents to be ana-
lyzed. Special requests on depth, sampler device, and required data have to be sent well in advance
to the chief scientist of the cruise for arrangements and preparations.

The methodologies for sampling, preservation, storage, and analysis that are required in the field
should be described as step-by-step procedures and included in the sampling strategy. They should
include information on method performance and validation, and requirements for quality assurance.
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1.3 SAMPLING AND ANALYTICAL ERRORS

Analytical chemists distinguish between random and systematic errors. Random errors are statisti-
cal fluctuations in both directions in the measured data due to the limitations of the analytical instru-
ment. Such errors are also caused by variations in the handling of samples and interferences from
the chemistry of the analytical methods itself to the instrumental output. Random errors caused
by instrumental noise can be minimized by providing optimal laboratory conditions, including
constant temperature and stabilized power supply. Adequate estimates of random errors caused by
personnel handling and methodologies can be achieved by participating in intercomparison studies,
which include independent analyses of various laboratories using different analytical methods (for
example, Bowie et al., 2006). Random errors affect the precision, or reproducibility, of a measure-
ment. Random errors are always existent, but can usually be estimated and minimized through
statistical analysis of repeated measurements (see Section 1.4.1.4).

Systematic errors are more serious, not only because they affect the accuracy, that is, the prox-
imity to the true value, but for their detection the true value needs to be known—a most unlikely
case in oceanography and other scientific disciplines. Systematic errors may arise during sampling,
either through the improper determination of a property of the collected water mass (depth, salinity,
temperature) or the use of inappropriate sampler devices causing changes in the analytes’ concen-
trations during their operation. Sampling implies the deployment of alien material to the depth of
sample collection, which includes hydrographic wires, container, messengers, sealing, and weights.
Such material can cause contamination or adsorptive losses to the analytes. For example, metal-
lic weights and hydrographic wires can cause severe contamination to samples subjected to trace
metal analysis. Certain plastic material adsorbs metals and organic compounds, such as pesticides.
Hydrographic wires, messengers, weights, and containers are nowadays commercially available
made from various materials or are Teflon coated for noncontaminating sampling. Proper selec-
tion of sampling equipment and its maintenance can minimize undetectable systematic errors. The
research vessel itself can be a source of systematic errors through physical mixing of surface waters
to be collected, and continuous contamination of the surrounding waters and sampling devices.
Discharge of waste and cooling waters, corrosion processes, leakages, and depositions from exhaust
emissions are of most concern. Another type of systematic error occurs with false assumptions made
about the accuracy of analytical instruments. In particular, in the computer era, an inviting descrip-
tion in manuals, such as “self-calibrating” or “self-adjusting,” lowers the skills required of opera-
tors, although the operation of sophisticated instruments still requires well-trained technicians. A
simple example of a systematic error is the gravimetric measurements of suspended particulate
matter on a self-calibrating but improperly tared microbalance. Systematic errors are often hidden
and difficult to detect. However, precautions taken before each step of sampling, and analytical pro-
cedures can greatly reduce the risk of the appearance of systematic errors. A conscientious marine
analytical chemist carefully considers analytical procedures to be adopted, instruments to be used,
and analytical steps to be performed. Systematic errors of instruments can be detected using refer-
ence materials with known value (see Section 1.4.1.5). If the known value lies outside the confidence
level of repetitive measurements, it is likely that a systematic error occurred. Minor revisions in the
design of the experiment can avoid the occurrence of systematic errors. For example, weighing dif-
ferences removes such errors in gravimetric measurements as described above. Forethoughts of this
kind are very valuable.

1.4 METHOD VALIDATION AND STATISTICAL
TESTS ON QUALITY ASSURANCE

The concept of method validation and quality assurance (QA) is an inherent element of analytical proto-
cols and has been a concern in laboratory management for a few decades (Keith et al., 1983). Analytical
chemists use QA programs to identify unreliable values from data sets and to show attainment of a
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defined level of statistical control of the analytical methods. The process of method validation directly
affects the quality of future data sets, and therefore is a key element in analytical chemistry.

The text presented here gives a brief overview of statistical tests that are most appropriate to
problems a marine analytical chemist is faced with in his or her daily work. The statistical tests are
described in a way to emphasize their practical aspect rather than to present details of theoretical
background. Numerous references on statistics in analytical chemistry exist in the literature, covering
the subject in a comprehensive and more mathematical approach (Anderson, 1987; Brereton, 2007).

1.4.1 METHOD VALIDATION

Method validation in analytical chemistry ensures that the analytes of interests are determined
accurately and precisely within acceptable and specified uncertainty to the true value. As the true
value of the analyte in collected samples is unknown to the marine analytical chemist, certified
reference material (CRM) and statistical tests are used to estimate accuracy and precision. A further
objective of method validation is to ensure that the methodology is robust and provides consistent
quality-assured data in daily routine work.

1.4.1.1  Selectivity and Specificity

Selectivity is defined as the extent to which an analytical method can quantify a certain analyte in
the presence of interferences without diverting from the defined performance criteria. Specificity
is the instrumental output for the pure analyte in an aqueous standard solution, that is, specificity =
100% selectivity (Taverniers et al., 2004).

In practice, the instrumental output of the analyte in the presence of all potential sample components
is compared to the output of a standard solution containing only the analyte. As seawater has typically
a complex matrix, it is often acceptable to consider selected matrix components, which are expected
to cause interferences to the highest degree (Thompson et al., 2002), that is, to test pure standard solu-
tion against solutions of different salinities, and dissolved and particulate organic carbon contents.
Knowledge of the chemistry of the analyte is requisite for the selection of the potential interferences.

1.4.1.2  Linearity and Calibration

The test on the linearity of analytical techniques confirms the concentration range where the analyti-
cal output response is linearly proportional to the concentration of the analyte. The test is performed
with standard solutions at concentration levels representing 50% to 150% of the expected analyte
concentration in real samples. As some analytes can vary widely in their concentration in seawater,
the range of linearity test should be extended to ensure that analyte concentrations lie within the
tested range. At least five concentration levels are required to detect any diversion from a linear
response. A typical approach to estimate the acceptability of a linear range is the examination of
the correlation coefficient and y-intercept (a) of the linear regression line for the instrumental output
versus analyte concentration. The correlation coefficient r? should be typically greater than 0.9990,
whereas a coefficient of 1.0000 represents the perfect fit of the data points to the regression line. The
intercept a of the regression line with the y-axis should not exceed 5% of the expected analyte con-
centration in the samples. In Figure 1.2 a procedure for the evaluation of a calibration is outlined to
illustrate that examination of correlation coefficient alone can be misleading. The correlation coeffi-
cient of 0.9886 of calibration set 2 is close to 0.9990, but the error in the determination of an unknown
is X, is unacceptably high compared to the good calibration set 1. It can be seen that the relative
error and confidence level of slope b and y-intercept a are higher for the second calibration set, and
the negative y-intercept causes further reduction in the quality of the calibration. For linearity, the
y-residuals should be randomly scattered when plotted against X, that is, analyte concentration.
Systematic trends in the scatter plots indicate nonlinearity. Theories of the calculations outlined in
Figure 1.2 are given in detail in the literature (Anderson, 1987).
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Procedural Steps for Calibration Evaluation

Calibration Set 1 Calibration Set 2
Procedural Step X, Y, X, Y,
1. Obtain calibration data. 0.25 0.723 12 0.187
X, , = Concentration of standard solution 0.50 1.323 40 0.723
Y, ,= Output of analytical instrument 0.75 1.954 65 1.275
1.00 2.613 100 3.201
1.50 3.921 150 5.289
2.00 5.100 250 8.453

2. Calculate standard deviations (s,, s,) of the
differences of the observed pairs.

ZXQ_(ZXz)/" 0.952 9318
n—1

s =
x

1.647 1.568

2
()
n—1
3. Calculate the correlation coefficient r2.

Y [x-Xr-1)]

rt= \/ 0.9997 0.9886

S oS
4. Estimate the calibration equation Y = a + bX.

. ZXY—(ZXEY)M

2 2.526 0.037
ST o]
4=V —bX 0.079 -0.577
5. Calculate residual Y; for all Y-values.

0.013 0.325
Y,=Y-Y -0.019 -0.164
-0.019 -0.527
0.008 0.118
0.053 0.376
-0.031 -0.120

6. Calculate standard deviation of Y on X 50+

DV
s = 0.034 0.381
vix
n-2

FIGURE 1.2 Procedural steps for the statistical evaluation of calibration data.
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Procedural Steps for Calibration Evaluation

Procedural Step Calibration Set 1

7. Calculate error and confidence level in b.
S

Calibration Set 2

Vix
S, = = 0.023 0.00197
hY=s
Confidence level: b + s, 2.526 +0.065 0.0366 + 0.0055
with 7 =2.78 based on 95% confidence level and
freedom of 4 =n -2
8. Calculate error and confidence level in a.
S, = 0.027 0.2550
Confidence level: a + s, 0.079 +0.075 —0.5770 + 0.7089
with 7 =2.78 based on 95% confidence level and
freedomof 4 =n—-2
9. Plot regression line using calibration
equation Y = a + bX.
6 8
6 -
4 -
)
> > 4
2 -
2
O T T O T T
0 1 2 3 0 100 200 300
Xy X2
A: Regression line of calibration set 1 B: Regression line of calibration set 2
10. Plot residual Y (Y,) against X.
0.08 06
a
a
0.04 03 4%
o o
& 0.00 = & 00
a a o a
—0.04 1 - —0.3 1
—0.08 T T —0.6 T T
0 1 2 3 0 100 200 300
Xy Xz

C: Residual Y-plot of calibration set 1

D: Residual Y-plot of calibration set 2

FIGURE 1.2 Procedural steps for the statistical evaluation of calibration data. (Continued)
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Procedural steps for calibration evaluation

Procedural Step Calibration Set 1 Calibration Set 2
11. Calculate error of X, estimated from
calibration equation.
X, can be calculated from a measured Y, using calibration
equation (step 4). Error of X, is estimated through s,.

S 1 (¥, -Y)
= —+

= Mt e ot Y,=0.722 Y,=0.593
b? Z X-X) o 4=0.
X,=0.255 X,=31.967
sy, =% 0.016 Sy, =% 11.864

X.¥ averaged values of X and Y

" number of calibration points (n = 6)

b slope of regression line

4 intercept of regression line with y-axis (Fig. A)

Yk Y-residuals (Fig. B)

Y'Y values on the calculated regression line Y = a + bX (Fig. B)

FIGURE 1.2 Procedural steps for the statistical evaluation of calibration data. (Continued)

Certain analytical techniques have a typical nonlinear response to the analyte concentration, and
the calibration of such techniques requires a more careful evaluation, for example, for the electro-
chemical determination of surfactants in seawater (Cosovi¢ and Vojvodié, 1998).

1.4.1.3 Limit of Detection

The limit of detection (LOD) is defined as the lowest concentration level that is statistically differ-
ent from a blank within a specified confidence level. The LOD is often the ultimate criterion for
the performance of analytical methods presenting the upper limit at which the instrument can dif-
ferentiate between a signal due to noise and a signal due to low analyte concentration in the sample.
The technology is so advanced that the sensitivity of analytical instruments is often not the limiting
factor for low LODs, but the level of the analyte and its variability in the blanks. The relationship
between instrumental noise and analyte signal is expressed by the average value of the blank ( ¢ )
plus three times its standard deviation (SDy,,,,) (Equation 1.1).

LOD =,

Blank

+3*SDBlank (11)

In trace metal analysis, it is acceptable to define the LOD as three times the standard deviation
only (Bowie et al., 2006; see Chapter 12). If the blank is relatively high but not very variable, the
subtraction of such defined LOD still yields good estimates of the concentration.

To ensure that the concentration of the analyte is significantly higher than that found in blanks,
its concentration must be equal to or higher than the LOD. In practice, ten independently prepared
blanks are analyzed in the same way as the samples (see Section 1.4.2). The analytical results are
averaged and the SD calculated according to Equation 1.2:

(1.2)
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where c is the concentration of the analyte (i.e., in the blanks), ¢ is the averaged value of ¢, and n is
the number of measurements.

However, in the trace analysis of seawater the determination of a representative SDy,,,, is chal-
lenging and can be erroneous due to the presence of sampling errors, as outlined in the discussion
above. An alternative approach is to collect low-concentration samples frequently (e.g., deep water)
during a cruise, which is substituted for the blank samples.

1.4.1.4 Precision

Analysts differentiate between two types of precision: (1) instrument precision and (2) inter- or
intralaboratory precision, also called ruggedness.

Instrument precision is a measure of the scatter in the analytical results obtained from a homo-
geneous sample. Instrument precision represents the reproducibility of the analytical methodology
under the same conditions and environment and is expressed as relative standard deviation (RSD%).
In practice, ten aliquots are taken from a homogeneous sample and prepared strictly according to
the method description. It is recommended to collect a homogeneous water mass by filling several
samplers on a rosette at the same depth. It is important to shake each sampler just prior to withdraw-
ing the aliquots to ensure its homogeneity, as particulate matter can rapidly settle at the bottom. All
containers for the storage of aliquots have to be cleaned exactly in the same manner. Furthermore,
it is important that the aliquots are prepared on a single day, in the same laboratory, by a single ana-
lyst, and analyzed in a single run on the instrument. The SD is calculated according to Equation 1.2
and related to the average concentration of the ten aliquots. RSD% tends to be higher at low concen-
tration ranges (i.e., analyte ratio of 1.00-% or lower), as typically encountered by marine analytical
chemists, and a RSD% of 30% has been reported to be acceptable for trace analysis (Table 1.1).

Intralaboratory precision is defined as the reproducibility of an analytical methodology performed by
multiple analysts, using diverse instruments, on different days, but in one laboratory. It is important that
each analyst prepares new batches of reagents required for the analysis, including calibration standards
and QA samples. Interprecision is assessed through participation in community-wide intercomparison
studies (Bowie et al., 2006; Landing et al., 1995; Sharp et al., 1995), in which a homogeneous sample is
distributed among the participants. All sample treatments, analytical procedures, and results are rigor-
ously documented, and statistically evaluated by the scientific leadership of the intercomparison study.
If participation in an intercomparison study for analytes of interest is available, it should be the ultimate
aim of a marine analytical chemist to participate and validate his or her analytical methodology.

TABLE 1.1
Acceptable %RSD according to Horwitz

Function and AOAC, and Acceptable Recovery
Percentage from CRM and Spiked Samples as
Function of Analyte Concentrations’

Precision Accuracy
Analyte Horwitz AOAC Acceptable

Concentration %RSD %RSD  Recovery Range

100 mg L-! 8 53 90-107

10 mg L 11.3 73 80-110

I mgL! 16 11 80-110

100 mg L-! 22.6 15 80-110

10 mg L 32 21 60-115

I mgL! 453 30 40-120

* CRM, certified reference material.
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1.4.1.5 Accuracy

Accuracy describes the correctness of the data, that is, closeness of the measured value to the
true value. As the true value is unknown, accuracy is more difficult to assess than precision, but
is the most informative and important QA criteria. Certified reference materials (CRMs) are well-
characterized standard samples with certified values representing true values. CRMs are analyzed
according to the analytical protocol to be validated. Accuracy is expressed as recovery of the certi-
fied value. Acceptable recovery ranges are a function of analyte concentration (Table 1.1). CRMs
are commercially available for a wide range of analytes in different sample matrices (e.g., seawater,
freshwater, sediments, marine organisms). Table 1.2 contains commercially available CRMs for
seawater, including some noncertified reference values. Matrix composition of seawater can vary
widely in its chemical and biological properties. This means that good results obtained from a

TABLE 1.2

Typical Certified Reference Materials (CRMs) for Various Analytes in Seawater

Code

Parameter

Dissolved Organic Carbon

Batch 8/9

DOC

Dissolved Inorganic Carbon and Alkalinity

Source

Dr. Hansell, University of
Miami, Rosenstiel School of
Marine and Atmospheric
Science

Remark

Website: www.rsmas.miami.edu/
groups/biogeochem/CRM.html
Oceanic seawater

Batch 84 Dr. Dickson, Scripps Institute ~ Website: http://andrew.ucsd.edu/co2qc/
of Oceanography, San Diego index.html
Oceanic seawater
Nutrients
MOOS-1 PO,, Si, NO,, NO, National Research Council Oceanic seawater
Canada (NRCC)
Batch 8/9 Total nitrogen University of Miami, Website: www.rsmas.miami.ed/groups/
Rosenstiel School of Marine biogeochem/CRM.html
and Atmospheric Science Oceanic seawater
RMNS PO,, Si, NO,, NO, Geochemical Research Website: www.mri-jma.go.jp/Dep/ge/

Trace Metals

Department, Meteorological
Research Institute, Japan

RMNScomp.html
Oceanic seawater

NASS-5 As, Cd, Cr, Co, Cu, Fe, Pb, NRCC Oceanic water
Mn, Mo, Ni, Sex*, Ux,
Vi, Zn
CASS-4 As, Cd, Cr, Co, Cu, Fe, Pb, NRCC Near-shore seawater
Mn, Mo, Ni, U*,V, Zn
SLEW-3 Agx, As, Cd, Cr, Co, Cu, NRCC Estuarine water
Fe, Pb, Mn, Mo, Ni, U,
V,Zn
CRM-403 Hg Institute for Reference Oceanic seawater
Materials and Measurements
(IRMM)
CRM-505 Cd, Cu, Ni, Zn IRMM Estuarine water
LGC-6016 Cd, Cu, Mn, Ni, Pb, Zn* LGC standards Estuarine water

Radioisotopes®
aSee Table 14.3.
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matrix-matching CRM may not necessarily guarantee trueness of analytical results from unknown
samples. However, CRMs represent an efficient tool for the verification of trueness and to assess
the performance of a laboratory at any time. Currently available CRMs in seawater are limited,
and an alternative approach to test accuracy is to determine the recovery of a known amount of the
analyte spiked into a matrix-matching solution. As a matrix-matching solution artificial seawater
can be prepared according to Kester et al. (1967). However, artificial seawater is a very simplified
matrix for seawater, and a better approach is to use the technique of standard addition. A series
of aliquots are taken from homogeneous seawater samples. The aliquots are spiked with varying
amounts of the analyte and analyzed in the same way as the bulk sample containing no additional
spike. The analytical results minus the analyte concentration of the unspiked bulk sample represent
the recovered concentrations. Although with this approach a close match of the matrix is achieved,
it should be noted that the behavior of spikes may be different from that of the analyte in the sample.
Recovery or spiking studies should be performed for different types of matrices, several examples
of each matrix type, and each matrix type at different levels of analyte concentration. CRM or
spiked control samples should be analyzed systematically with each batch of samples, preferably at
the start, middle, and end of the batch.

Reanalysis of samples using a different analytical technique or laboratories may provide further
indication of how close the analytical results are to the true value. It should be noted that using
different analytical techniques and interlaboratory comparison increases the confidence for the cor-
rectness of the results, but never can replace CRMs as a tool to assess accuracy, as the results
obtained from different techniques and laboratories may be similarly biased. Naturally, a conscien-
tious scientist examines thoroughly the plausibility of his or her data in context of the objectives of
the study, which provides further confidence in the correctness of the data.

1.4.1.6  Stability and Robustness

Routine measurements with high sample throughput require a stability study of the analytical tech-
nique. During stability studies the analyst gains information on the stability of reagents, standards,
and sample solutions. Stable solutions allow for delays during instrument breakdowns and overnight
analysis using an autosampler. Samples and reagents should be tested over at least 48 hours using
aliquots from a homogeneous bulk sample, CRM, or standard solutions. The onset of instability is
indicated by an increasing or decreasing trend in the analytical output compared to the output mea-
sured at the beginning of the testing period.

Robustness of an analytical technique is defined as its ability to remain unaffected by minor
changes in its operation. Such changes include small variations in reagent concentrations and pH
values, ambient temperature, and vibrations. A marine analyst should not neglect a study on robust-
ness, and in particular, temperature changes and vibrations on research vessels can cause interfer-
ences to analytical detectors used for shipboard measurements. Shipboard preparations of reagents
requiring weighing and volumetric equipment can be difficult under rougher sea conditions, leading
to variations compared to laboratory-based preparations. An example to test on robustness is to
prepare required buffer solutions with adjusted pH values of £0.2 units compared to the original
pH value. The analytical outputs of a single sample using the different buffers should be within
the interlaboratory precision to define it as stable. As several parameters can affect the robustness
of an analytical technique, factorial design analysis (Brereton, 2007) is a useful tool to investigate
which changes in the methodology cause critical influences on the robustness leading to question-
able results.

1.4.2 BLANKS

A procedural blank is a sample that is presumed to be free of the analyte, but subjected to the
entire analytical procedure in the same way as real samples. An instrument blank represents the
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analytical signal for the injection of purified and analyte-free water into the instrument. Routine
measurements on blanks are an essential part of a QA program to detect contamination sources
throughout the analytical procedure. Typical contamination sources are reagents, catalysts, ambient
air, labware, and parts of the instrument in contact with the sample. Low blank values are important
to achieve LODs for ultratrace analysis, and therefore typically of concern to any marine analyst.
The marine analyst is often faced with the challenge to produce and store analyte-free water to be
used as a blank sample for reliable determination of LODs (see Section 1.4.1.3). Procedures for the
preparation and determination of blanks are given in the following chapters in detail.

1.4.3 DocuMENTATION OF QA Data

It is very important for any analytical measurements to be under statistical control to ensure that the
results are reliable and within the specified certainty. The most common way is to prepare so-called
control charts, which gives the analyst quick access to information about the statistical control of the
analytical procedure (Mullins, 1994).

Control charts are plots of multiple data points from QA samples (y-axis) versus time (x-axis)
(Figure 1.3). Control charts are often used to visualize and monitor the following data:

%RSD of repetitive measurements (precision)

 Percentage recovery of CRMs or spiked samples (accuracy)
¢ Procedural and instrumental blanks (detection limits)

* Calibration data, such as slope (sensitivity)

At the beginning of the control chart, several replicate measurements are carried out in order
to determine mean value Y and standard deviation (SD). The number of the initial measurements
should be n > 30 to obtain representative values (Mullins, 1994), preferably under different con-
ditions as defined in the validation process (different batches of reagents, analyzed by multiple

110
Upper action limit
D00 remeeeneesmmmnn e
Upper warning limit
90 1

80 ] \/ \| Average V/\\_/./

Lower warnmg I|m|t

70 4 Lower action limit

Percentage Recovery of CRM

60

50 T T T T T T T
1 5 9 13 17 21 25 29

Sequence of Control Measurement

FIGURE 1.3 Control chart for the recovery from an analyte of certified reference material.
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analysts). The warning and action limits are defined as¥ + 2#SD and Y + 3*SD, respectively, and
are indicated as horizontal lines in the control charts (Figure 1.3). Any measurement or analysis
result that falls between the warning limits and the action limits should signal the analyst regarding
the need for a careful observation of future QA data. Any measurement that falls outside the action
limits requires action to identify and eliminate sources for the inconsistency in the trend of the QA
data. Detailed rules of out-of-control values are described by Mullins (1994). Possible sources of
such inconsistencies include but are not limited to: contamination in the ultrapure water supply,
incomplete digestion, drift in analytical output caused by electronic problems, sudden change in
analytical conditions, and new analyst doing the job. As £2+SD and +3*SD are theoretically asso-
ciated with 95.5% and 99.7% certainty, respectively, an analytical procedure is statistically under
control if only 4.5% of the data points fall outside the £2+SD limit and 0.3% fall outside the +3+SD
limit; that is, about 1 of 20 and 1 of 1,000 samples, respectively.

1.5 SAMPLING DEVICES

1.5.1 STANDARD WATER SAMPLER

Water samplers should fulfill various requirements. To collect representative samples, it is important
that the bottle of the sampler is filled rapidly or its content exchanged at desired depths completely,
that is, to have good flushing characteristics. The closing mechanism, triggered by a “messenger”
or electronically through a remote control from the surface, has to work reliably under harsh condi-
tions. The bottle has to be sealed completely, triggering the closing mechanism to avoid internal
water exchange on the way to the surface. The material the sampler (bottle and closing mechanism)
is made of has to be chemically inert not to contaminate the surrounding waters or the collected
water during retrieval.

The Nansen sampler was the standard water sampler on research vessels for many decades,
but has been replaced with modern water samplers on most research vessels. The original Nansen
sampler was fabricated from brass for robustness and safe handling at all water depths, but was not
suitable for trace metal analysis for obvious reasons. In an oceanographic cast, several Nansen sam-
plers with reversing thermometers have been attached at certain intervals on a wire and lowered into
the water. When the samplers reached the desired depth and were conditioned for several minutes,
a messenger was dropped down the wire to trigger the closing mechanism of the uppermost bottle
by turning around at 180°. As it turned, the mercury column inside the thermometer was fixed for
readings onboard. The same mechanism released a new messenger from the bottle; that messenger
now traveled down the wire to close the second bottle, and so on until the last bottle was reached.
Nowadays, such oceanographic casts are often replaced with a rosette sampler (see Section 1.5.3).
The Knudsen sampler is very similar in design to the Nansen sampler, but has small spring-operated
lids sealing the bottle. Its major disadvantage is the poor flushing characteristics through the design
of the closing mechanism. Therefore, original Nansen and Knudsen samplers are not recommended
for modern oceanographic work; even so, they have been proven to be reliable instruments in the
early years of oceanography. The Niskin and Go-Flo sampler are nowadays commonly found on
research vessels. The Niskin sampler is based on a principle similar to that of the Nansen sampler,
but the major modification is that the top and bottom valves are held open by strings and closed
by an internal elastic band or a coated stainless steel spring. The design significantly improved the
flushing characteristic of the bottle. Later, an external closing mechanism for the Niskin bottle was
developed (Niskin et al., 1973). As no turning over is required to close the Niskin bottle, large-
volume Niskin samplers are easy to handle and operate (available up to a volume of 30 L), whereas
Nansen bottles had a limited volume of up to 1.7 L. Niskin bottles are usually made of PVC and suit-
able for most oceanographic work, including the analysis of trace metals after cleaning and proper
flushing. Typical Niskin bottles have glued-PVC mounts to hold the closing and sealing mecha-
nism, which can become brittle and prone to breakage in cold water. Advanced designs substitute
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a rugged Ti base and Delrin mount blocks for the glued-PVC components (Model 110, SeaBird)
(Figure 1.4a). The Go-Flo bottle is tripped in the same way as the Niskin bottle, but the main dif-
ference in its operation is that the sampler is sealed by two large PVC ball valves (GeneralOceanics)
(Figure 1.4b). These valves are set in a way that the sampler passes through the air-water interface
sealed, opens automatically at a depth of 10 m, and is finally closed at the desired depth through
the messenger. The design avoids serious contamination when the sampler passes through surface
films, that is, sea-surface microlayer, which are often enriched in organic matter, trace metal, and
particulates. The so-called Free Flow Water Sampler (Hydrobios) (Figure 1.4c) is similar in design
to the Niskin bottle, but no cone or ball valve hinders the flow through the bottle, therefore offering
optimal flushing characteristics. The LIMNOS sampler (Figure 1.4d) is a surface sampler (down to
depths of 100 m) consisting of two to four 500 mL glass bottles, which are opened at the desired
depth. The advantage is that the bottles can be used as storage bottles and therefore avoid possible
contamination during transfer.

Specially designed seawater intake systems are reported to pump water directly in clean rooms
located on deck (Gustafsson et al., 2005). Such intake systems are often located at the prow of the
ship to collect surface waters from depths of several meters. Therefore, such a sampling system is
suitable for the study of horizontal distribution of constituents in surface waters, but not to investigate
vertical profiles. A more recent development is the Lamont Pumping SeaSoar (LPS) (Figure 1.5), a
combination measurement and sampling platform towed by a research ship at speeds of 67 knots
(Hales and Takahashi, 2002). The system allows not only measurement of a suite of oceanographic
parameters with in situ sensors, but also collection of seawater from a depth down to 200 m through
a 750 m tube (5/16 in. inner diameter) to a shipboard laboratory for chemical analyses. The LPS has
been successfully tested during the Joint Global Ocean Flux Study (JGOFS) in the Ross Sea.

1.5.2  WATER SAMPLER FOR TRACE CONSTITUENTS

In oceanographic work, the water sampler often has to be modified to meet special requirements for
the analysis of trace constituents. Comparison studies of modified and unmodified Niskin and Go-Flo
bottles showed that the modifications were necessary to collect uncontaminated samples for trace
metal analysis (Berman et al., 1983; Bewers and Windom, 1982). Such modifications include the use
of easily cleaned Teflon-coated bottles, the replacement of all O-rings and seals by equivalents made
of silicone, the replacement of internal stainless steel springs with silicone tubing or Teflon-coated
springs (Niskin bottle), and the replacement of drain cocks by ones made of Teflon. The Go-Flo
sampler is the preferred sampling device for trace metals, as it avoids contamination with metals
often enriched in the sea-surface microlayer. It has been reported that the interior of standard PVC
Go-Flo bottles was sprayed with a Teflon coating to minimize contamination and adsorption effects
(De Baar et al., 2008). The WATES sampler (Warnemiinder Teflon Schopfer) (Briigmann et al.,
1987) passes the sea-surface microlayer in a closed position, and enclosed water is only in contact
with Teflon. Mercury is easily lost in standard PVC bottles through adsorption processes on the
wall, and therefore sampling requires such devices made of Teflon. For the determination of trace
levels of nutrients, standard Niskin and Go-Flo bottles are usually employed for water collection.
As for metal analysis, the Niskin and Go-Flo bottles have to be scrubbed with an acid solution and
thoroughly rinsed with ultrapure water prior to water collection.

For trace organic contaminants, the sampling is challenging, as high volumes of seawater are
needed (10-400 L) to preconcentrate and detect the contaminants. Teflon-membrane pumps driven
by compressed air were used for the collection of surface waters onboard ships (I0C, 1993). For
deeper waters, a large stainless steel sampler with a capacity of 400 L has been deployed (I0C,
1993), but it is difficult to clean such devices in an appropriate way, that is, solvent rinsed. The
KISP pump (Figure 1.6) has been specially designed to filter and extract contaminants in situ down
to depths of 6,000 m (Petrick et al., 1996). The device consists of pump, filter holder, adsorbent
cartridges, battery, and electronic unit to control the operation. The filtered water flows through
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FIGURE 1.4 (a) Niskin bottle (Model SBE 110, Sea-Bird Electronics, Inc., Bellevue, Washington). (b) Nono-
metallic Go-Flo bottle (Model 1080, General Oceanics, Inc., Miami, Florida). (c) Free Flow bottle without
cone or ball valve for free flushing (Hydro-Bios GmbH, Kiel, Germany). (d) LIMNOS surface water sampler
(Hydro-Bios GmbH).

adsorbent cartridges to trap the contaminants from the dissolved phase of the sample. The car-
tridges can be easily kept at low temperature for storage until the contaminants can be eluted for
further processing in the laboratory. Kelly et al. (1993) describe a similar pumping device to filter
and extract organochlorine compounds from coastal seawater onboard.
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FIGURE 1.5 The towed instrument SeaSoar modified to an online sampling platform. (Photo kindly provided
by Dr. Burke Hales, Oregon State University.)

1.5.3 CTD PROFILERS AND ROSETTE SYSTEMS

The Conductivity-Temperature-Depth (CTD) sensor measures the conductivity and temperature at
the depth where the instrument is situated. The data are sent directly onboard via computer. The
density of the water at a certain depth can be calculated from its salinity (i.e., conductivity), tem-
perature, and the pressure (i.e., depth). A CTD can produce a continuous reading of temperature and
conductivity as functions of depth at a rate of up to thirty samples per second, a vast improvement
over the twelve data points produced by the twelve Nansen or Niskin bottles that could be used on
a single hydrographic cast. However, reverse thermometers are still used together with CTD for
comparison and calibration purposes.

The rosette sampler consists of a circular frame holding six to thirty-six Niskin or Go-Flo bottles
with a CTD usually mounted underneath or in the center (Figure 1.7). Bottle sizes may vary from
1.2 to 30 L capacity. The deck command unit of the rosette sampler allows the control of the closing
mechanism of the bottles electronically with a remote. This means that the sample depths do not
have to be set before the bottles are lowered, as for the classical hydrographic cast. As the rosette
is lowered and data are received from the CTD, the operator can look for stratified water layers of
particular interest and take water samples at any depth based on the CTD profile. Rosettes with alu-
minum and titanium frames can be deployed down to depths of 6,800 and 10,500 m, respectively. A
rosette for ultraclean sampling has been successfully deployed recently to collect samples for trace
metals and isotopes (De Baar et al., 2008). The maximum vertical resolution for a typical rosette is
5 m. A recent development is the PUMP-CTD (Strady et al., 2008), which allows water sampling
for trace metal with a vertical resolution of 1 m. With the PUMP-CTD, the water is pumped directly
onboard into the clean laboratory through a nylon hose, which limits the application to a depth down
to 350 m.

A standard deployment of a rosette/CTD, depending on water depth, requires 2 to 5 hours of sta-
tion time, which is when a ship remains stationary at a given location. The order of sample collec-
tion from the Niskin/Go-Flo bottles is important to minimize artifacts in changes of concentrations
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FIGURE 1.6 KISP in situ pump for in situ filtration and extraction of organic compounds (Scholz Ingenieur
Biiro, Fockbek, Germany). Filter holder (1), battery (2), electronic unit (3), resin cartridge (4), pump (5), and
flowmeter (6).

during sampling. Typically, samples for gases are collected first, followed by samples subjected to
nutrients, trace metal, and organic carbon analysis, and salinity samples are often collected last.

1.5.4 SEA-SURFACE MICROLAYER (SML) SAMPLER

The SML (uppermost 30—1,000 um layer) forms the boundary layer interface between the atmo-
sphere and ocean. The collection of water from this very thin surface layer is very difficult and
challenging, and therefore sampling procedures are outlined here in more detail.

The SML is enriched in naturally occurring surface-active organic compounds, including carbo-
hydrates, proteins, and lipids, giving it a distinct chemical composition. The SML has been of much
interest to oceanographers, earth scientists, and meteorologists, as it represents a critical interface
for biological, chemical, and physical processes between the ocean and atmosphere. Recent studies
using in situ microelectrodes suggested that the actual thickness of the SML (ys,,,) is about 50—
60 pm based on the sudden change of physicochemical properties of the water (Zhang et al.,
2003).

The first attempts to collect such thin layers of water from the ocean’s surface dated back to the
1960s and 1970s (Garrett, 1965; Harvey, 1966; Harvey and Burzell, 1972). In the past 40 years, sev-
eral techniques for sampling the SML have been deployed, and the advantages and disadvantages
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FIGURE 1.7 Rosette samplers with (a) twelve Niskin bottles (Sea-Bird Electronics, Inc., Bellevue, Washington)
and (b) six Free Flow bottles (Hydro-Bios GmbH, Kiel, Germany).

of twenty-one different SML sampling techniques were reviewed by Hiihnerfuss (1981). The metal
screen (Garrett, 1965), glass plate sampler (Harvey and Burzell, 1972), and rotating drum sampler
(Harvey, 1966) are the most widely used SML sampling techniques and are described in the fol-
lowing sections. However, collection of SML samples of an acceptable integrity and reproducibility
remains a challenge. Reasons for this are:

1. The period of sampling may be excessive in order to collect a sufficient volume of SML
sample for analysis at trace levels.

2. The SML is physically, chemically, and biologically very heterogeneous; that is, the
characteristics and concentrations of materials in the SML may change rapidly during
sampling.

3. Operation of sample techniques requires experience to collect samples with high repro-
ducibility. For example, a relative standard deviation (RSD) of 12% in the collected vol-
ume of SML has been reported for a group of ten scientists using a screen sampling
technique (Knap et al., 1986).

1.5.4.1 General Remarks on SML Sampling

SML sampling should be performed from a smaller boat or a fixed platform. The boat should move
slowly forward while collecting the samples from the bow. A bulbous bow may negatively affect
the sampling by creating turbulence and consequently altering the characteristic of the SML. For
the same reason, sampling should never be performed from the stern of the boat, unless anchored.
Sampling from a platform should be performed from the upcurrent corner or edge, so that ambient
water is constantly flowing toward the sampling site and interferences (i.e., contamination, restricted
water flow, etc.) from the platform are minimized. Samples collected from the bulk water under-
neath the SML (typically at a depth of 1 m) can be easily collected through a 12 V DC pump and
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suitable tubing material. It is not recommended to collect bulk water samples by opening a sample
container at the desired depth by hand, as pushing the bottle through the SML can pull down dis-
solved and particulate fractions from the SML into the bulk water.

Wind speed and direction can greatly affect the presence and distribution of the SML and should
be frequently recorded during the sampling period. Furthermore, wind speed and water temperature
affect the thickness of collected SML using the glass plate/drum technique (Carlson, 1982). Rainfall
events can cause a quick accumulation of material, such as particulates and pollutants (Wurl and
Obbard, 2005; Lim et al., 2007), and it is recommended to record such events and its occurring
intensity several hours before and during sampling.

Natural slicks, that is, a visible sea-surface pattern in which capillary ripples are absent, are SMLs
with an intensive enrichment of surface-active material enabling the dampening of ripples through
high surface tensions. The coverage of such slicks of the water surface should be recorded and esti-
mated through photographs and visual observations. The slick is usually lighter in appearance than
the rippled water, but may be seen as a darker zone when viewed toward the sun. In the presence of
slicks, sampling should be performed either outside or within slicks with an appropriate record.

Sampling parameters, such as collection area of sampler, sample volume, sampling time, num-
ber of dips (screen and glass plate sampler), and rotating speed of drum (drum sampler) need to be
recorded for the calculation of the thickness of the collected SML (see Sections 1.5.4.2 to 1.5.4.4).

1.5.4.2 Screen Sampler
1.5.4.2.1 Design and Characteristics

A metal screen dipped repeatedly in the water and slowly withdrawn collects SML samples of a
thickness of typical 150—-400 um. Garrett (1965) determined experimentally that a SML of a thick-
ness of 150 um can be collected with a 16-mesh stainless steel screen and 60% open space made from
0.14 mm diameter wire, and is therefore recommended, as it is the thinnest layer to be collected with
a screen. A smaller mesh size of 4 caused the collected water film to rupture after withdrawal. The
thickness ¥, depends primarily on the wire diameter and opening space (Carlson, 1982). Carlson
(1982) used screens with a wire diameter of 0.4 mm (80% open space) and 0.55 mm (52% open
space) to collect SML samples with a thickness of 222 £ 8 um and 465 + 4 um, respectively. Fine-
mesh sizes, that is, large wire diameter and small open spacing, decrease the sampling efficiency of
the screen and are not recommended. For fine meshes, a larger wire area is available for adsorption
processes, while less open spacing exists for the entrapment of water. Plastic screens can be used for
study on trace metals and inorganic constituents in the SML. The screen (typically 50 cm X 65 cm) is
held in a frame with a bent handle made from noncontaminating material (Figure 1.8).

The thickness yg,,, collected by a screen is independent of the wind speed (i.e., wave state),
water temperature, and salinity (Carlson, 1982). However, Falkowska (1999) reported that the
Ysue 18 influenced by the wind speed using screen samplers. It was supposed that the increased
advective transport of organic matter and its accumulation in the SML caused the increase of the
Yo With the wind speed. In all cases, it is recommended to record the prevailing wind speeds dur-
ing collection of SML samples. It should be noted that in the literature the screen sampler is often
recommended for the advantage of the higher sampling rate, that is, higher volume collected per dip
compared to a glass plate sampler (Falkowska, 1999; Momzikoff et al., 2004; Garcia-Flor, 2005).
However, the screen sampler collects a substantial amount of subsurface waters based on the actual
thickness of about 50—60 um (Zhang et al., 2003), and therefore dilutes the collected SML samples,
leading to increased sampling rates.

1.5.4.2.2  Procedure and Handling

In use, the precleaned screen is dipped vertically and slowly through the water surface and posi-
tioned parallel to the water surface (Figure 1.8). The sampler is held in the position for about
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FIGURE 1.8 Sea-surface microlayer sampling with a screen sampler: (a) immersion into water, (b) parallel
orientation to water surface, (c) withdrawal, and (d) dripping sample in container.

5 seconds, slowly withdrawn, and replaced in the water. This step should be repeated several times
prior to each sampling to condition the screen wires. As the initial adsorption of surface-active
material deactivates the sampling efficiency of the screen by 25%, the conditional step is important
for accurate and effective collection of the SML. The sampling proceeds as described above, but
after withdrawal the sampler is slanted toward one of the rear corners to allow the drainage of the
entrapped water into a clean sample container. The screen drains typically within 45 to 60 seconds.
The procedure is repeated until the desired volume has been collected. However, it is recommended
to limit the volume to 1 L to avoid long sampling periods.
The following equation is used to calculate the average thickness of the collected SML:

VSample * 104
Tom=Nwxa 2

Screen *

where Yy, is the average thickness of collected SML (um), Vs, the volume of sample (mL), N the
number of dips, and Ay, the surface area of the screen (cm?).

1.5.4.3 Glass Plate Sampler
1.5.4.3.1 Design and Characteristics

The glass plate sampler (Harvey and Burzell, 1972) collects SML samples with thicknesses of
about 50—60 um by repeatedly dipping and withdrawing, in a manner similar to that for the screen
sampler. The glass plate is designed for easy and safe handling, typically 30 cm X 30 cm in size,
4 mm thick, and with an attached handle made of rigid plastic material. The adhering water is
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FIGURE 1.9 Sea-surface microlayer sampling with a glass plate. (a) Immersion and withdrawal of glass plate.
(b) Collecting sample into container.

scraped off with a noncontaminating wiper into a clean sample container (Figure 1.9). A typical
characteristic of a glass plate sampler is that the thickness ¥y, is associated with the withdrawal
rates. Harvey and Burzell (1972) used a withdrawal rate of 20 cm s~!, and the layer collected can be
thicker than 100 um (Carlson, 1982). Carlson (1982) suggested withdrawing the glass plate at a rate
of about 5 cm s7! to collect a thinner layer of about 50 um from clean, nonslicked surfaces, which
is consistent with the in situ measured SML thickness (Zhang et al., 2003). However, the thick-
ness ¥, increased with the wind speed from 33 um (wind speed: <1 m s™') to 62 um (wind speed:
8 m s7!) (Carlson, 1982). Furthermore, Carlson (1982) reported that the thicknesses ¥, decreased
with increasing water temperature, presumably due to decreasing viscosity. Therefore, a careful
record of wind speeds and water temperature is required, in particular when seasonal processes in
the SML are studied.

1.5.4.3.2  Procedure and Handling

The precleaned glass plate is dipped vertically into the water and withdrawn at a rate of 5 cm s™!
without collecting the adhering water (Figure 1.9). This step should be repeated several times to
condition the glass plate. For collection, the glass plate is dipped and withdrawn in the same way.
Then the adhering water is removed from both sides of the plate with the wiper and drained into the
sample container. The collection is easier using a wide-neck bottle or a small funnel.

The collected thickness ¥, in micrometers is determined with the following equation:

VSample * 104
Yom =Nwa

Screen *

where Vg, is the volume of sample (mL), N the number of dips, and Ay, the surface area of
the glass plate (cm?). The glass plate should be consistently dipped into the water to a certain depth
to ensure accurate determination of the thickness ¥g,,,. For example, a mark just underneath the
attachment of the handle to the glass plate can be used as an upper limit.
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1.5.4.4 Rotating Drum Sampler
1.5.4.4.1 Design and Characteristics

The screen and glass plate samplers are suitable to collect small-volume samples of up to about 500
to 1,000 mL, as many repeated dips are required to collect large volumes. A rotating drum sampler
using ceramic (Harvey, 1966), Teflon-coated (Hardy et al., 1988), or glass drums (Carlson et al.,
1988) has been designed to collect large volumes of SML of up to 20 L h-!. The drum is rotated
through a DC motor at rotation speeds of about 8—10 rpm. The drum (typically 30-40 cm in diam-
eter and 50 cm in length) is partly immersed in the water, and the water is drawn on to the ascending
side of the rotating drum and then scraped off by an inclined wiper located on the downward side
for collection. The drum sampler has been designed to operate by remote control via navigation
systems, like the SESAMO (Caccia et al., 2005) (Figure 1.10a). Alternatively, a drum sampler can
be attached to smaller research boats through a beam and suspension springs (Figure 1.10b). The
tension of suspension is adjustable through the length of attachment to stabilize the sampler during
operation. It is advantageous to use a hollow glass cylinder and to orient the rotation axis parallel to
the travel direction, rather than perpendicular (Carlson et al., 1988). With this design, accumulation
of material in front of the drum is avoided through the small forward cross section. Drum samplers
are often equipped with in situ sensors, such as fluorescence and UV detectors, for continuous mea-
surements of SML properties. Special construction may be required for the analysis of trace con-
stituents. For example, the drum sampler OceanSwab (Wurl and Obbard, 2005) (Figure 1.10b) was
designed for analysis of trace organic pollutants, where only stainless steel, anodized aluminum,
glass, and Teflon materials were used for construction. An alternative technique is to replace the
drum by multiple rotating disks as developed by Magnus Eek (SOLAS, 2005). The main advantage
of the rotating disk sampler is less disturbance of the water surface as the sampling vessel moves
up and down with the waves, and such a sampler has been deployed for collecting oceanic SML
samples in rougher sea conditions (Figure 1.10c).

Overall, the drum sampler can be considered as the state-of-the-art SML sampling device, but
questions remain for all sampling techniques as to whether water adhering to the drum dilutes
the SML sample and whether there are compromises to sample integrity from device fabrication
materials.

1.5.4.4.2 Procedure and Handling

Drum samplers are often self-designed and fabricated equipment. The operation and handling may
differ among the designs. In general, the drum sampler is launched into the water according to the
available equipment onboard the vessel. The launching of a drum sampler was practical from a small
landing craft workboat used as a research boat in the coastal waters of Singapore (Figure 1.10b).
After launching and getting the operation ready to start, the rotation speed is set to about 8—10 rpm
to be consistent with the withdrawal rates of glass plate sampling. The drum should run for about
10 minutes to condition all material in contact with the sample prior to starting the actual collec-
tion. Sample containers are loaded on the drum sampler, and an automatic forwarding tray holding
a number of containers is useful for the continuous collection of discrete water samples. Binoculars
are helpful for observing the operation of the sampler and controlling navigation. During the opera-
tion, the water surface should be observed for the appearance of slicks and bands of accumulated
debris, waste, and oil, in particular in coastal waters. Crossing slicks and bands may result in poor
representative samples.
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FIGURE 1.10 (a) Remote-controlled glass drum sampler SESAMO (photo kindly provided by Massimo
Caccia, CNR-ISSIA U.O. Genova.) (b) Glass drum sampler. OceanSwab attached to a small research vessel.
(c) Remote-controlled glass disk sampler SKIMMER (photo kindly provided by Svein Vagle, Institute of
Ocean Sciences, Sidney, British Columbia.)
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1.6 FILTRATION OF SEAWATER

Filtration is often required to discriminate between constituents in the dissolved and particulate
phases in seawater. Filtration of oceanic waters may not be necessary, as the concentration of sus-
pended particulate material (SPM) is generally very low except in surface waters at times of high
production, that is, phytoplankton blooms. Coastal and estuarine waters, where the concentration
of suspended material can be several orders higher, are invariably subjected to filtration processes.
Traditionally, the dissolved phase has been defined as the fraction of seawater that passes through
a filter with a pore size of 0.45 um, for operational reasons in the earlier years of oceanography.
Nowadays, it is known that the boundary between dissolved and particulate fractions is a con-
tinuum, and the traditionally defined term dissolved contains a large fraction of colloidal material
(Koike et al., 1990; Wells and Goldberg, 1993). The colloidal material has a typical size range of 1 to
200 nm, and therefore easily passes through a 0.45 um filter. Correctly, the term dissolved is defined
as the sum of “truly” dissolved and colloidal fractions. Colloidal material can make up a large frac-
tion of the dissolved material, and given its tremendous surface area and the importance of surface
reactions in marine systems, it is indubitable that colloids play a very important role in the cycling
of trace elements and contaminants. In the mid-1990s, efforts were made in intercomparison studies
on cross-filtration techniques to separate colloids from the truly dissolved phase (special issue 55 in
Marine Chemistry, Vols. 1-2, 1996), but it is still very challenging to separate these two fractions
as outlined below.

Nevertheless, the separation of dissolved and particulate fractions through filters with defined
pore sizes is still the most commonly used technique in oceanography for practical reasons. There
are several reasons to filter seawater samples as soon after collection as possible: (1) to obtain
important information about the fractionation of trace elements and contaminants, (2) to remove
solids from solution that can interfere with various detectors in analytical systems, and (3) to avoid
leaching of analytes from particles into solution during sample preservation and storage (Kremling
and Briigmann, 1999). However, the marine analyst should be aware of potential contamination of
the samples during the filtration process. Exposure to air, filter material, glass apparatus, and pumps
can irreversibly cause contamination of the sample and therefore lead to diversions from the true
value of the sample. Recommendations are given in the following sections for suitable techniques,
materials, and equipment to be used to minimize the risk of contamination, but it is strongly advised
to check blank samples regularly during filtration.

1.6.1 PREesSURE FILTRATION

Filtration is carried out under a pressure of pure air or inert gas. To avoid changes in the redox state
of the sample, an inert gas such as nitrogen has to be used to apply the pressure. This is of particular
importance for the collection samples subjected to trace metal analysis to prevent precipitation of
metal hydroxides (Kremling and Briigmann, 1999). The marine chemist has to select the material
and size of the filter holder according to the analytes and required sample volume. Filter holders are
available in various plastic materials (Teflon, polypropylene, polycarbonate) and stainless steel with
silicone O-rings in sizes between 25 and 293 mm. The largest sizes are required to filter high vol-
umes (5-100 L) of water, depending on the concentration of SPM. Silicone O-rings can be replaced
with Teflon or Viton O-rings, but reduce the maximum pressure to be applied. Several types of filter
holders have an air vent valve to prevent pressure increases due to filter clogging.

It is an advantage if the water sampler itself can be pressurized and the filter holder directly con-
nected. The sample can then be forced into the receiving bottle while passing through the filter, thus
minimizing the exposure of the sample to the air, and therefore potential contaminations. The off-
line filtration system consisted of cylinders (typically 250—1,000 mL) screwed directly onto the top
of the filter supports. The cylinder is filled with the sample, a pressure adapter is screwed onto the
top, and the sample is filtered into the bottle for sample storage by applying pressure. Several such
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FIGURE 1.11 Typical setup for vacuum filtration of seawater.

units can be placed in a frame to process replicate samples. With both approaches, three fractions
of 50 mL of sample are used to rinse the filtration unit, filter, and receiving sample bottle prior to
collecting the filtered sample.

1.6.2 VAcuuM FILTRATION

Filtration is carried out by suction with a vacuum pump. A vacuum filtration unit consists of a receiving
flask with a hose connector (typically 500-2,000 mL), filter support with glass frit, funnel (typically
250-1,000 mL), and a clamp to attach the funnel on the filter support (Figure 1.11). As for pressure fil-
tration, the vacuum pressure should be minimal, with a reasonable flow rate, to avoid cell rupture and
leaching of dissolved material on the filter. Typical vacuum pressure is below 26%10° Pa (200 mmHg).
The first fractions of filtered sample are used for repetitive rinsing of the filtration unit.

1.6.2.1 Filter Types

Ideal filters have to fulfill a number of requirements, described in Kremling and Briigmann (1999),
which include:

* Uniform and reproducible pore size

» High filtration rate without clogging easily

* Quick equilibration with the surrounding atmosphere for reliable gravimetric
measurements
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TABLE 1.3
Various Filter Materials and Their Characteristics

Typical Pore Size

Filter Material Manufacturer* [pm]® Typical diameter Characteristics
Glass fiber MI, WH 0.7,1.0,1.2, 1.6, 25, 47,90, 142, 293 Free of organic binder
2.7
Polycarbonate MI, ST, SA, 0.015T, 0.055T, 25,47 Absolute pore size and
0.22, 0.04 density, superior strength

Polypropylene ST, WH 0.1,0.2,0.45 25, 47 Broad chemical
compatibility

Polyethersulfone MI, ST, SA 0.154,0.22, 0.45 25,47 Low extractables, superior
strength

Nylon ST, WH 0.1,0.2,0.45 25, 47 Low extractables, superior
strength

Mixed cellulose MI, ST, WH 0.1%4,0.2, 0.45 25,47 Uniform pore structure

esters

Cellulose acetate ST, SA, WH 0.2,0.45 25, 47 Uniform pore structure

Cellulose nitrate SA, WH 0.1WH 0.2WH 0.45 25,47 Superior strength

Teflon, hydrophilic MI 0.1,0.2,0.45 25,47 Chemically inert

Teflon, hydrophobic ~ MI, ST, SA 0.22,0.45 25, 47 Hydrophobic, chemically
inert

Silver MI, ST 0.257,0.45 25 Bacteriostatic, nonadsorptive

Alumina WH 0.02,0.1,0.2 25,47 No lateral crossovers

between pores, i.e., precise
cutoffs

@ M1, Millipore; ST, SterilTech; SA, Sartorius; WH, Whatman. When superscript, the sizes are manufactured by only the
indicated company.
® For glass fiber filter, particle retention size.

* Retaining of particles on the filter surface to support microscopic and spectroscopic
observations

* Not adsorbing dissolved constituents to be measured in the filtrate

* Free of significant amounts of constituents to be measured

* Providing reasonable mechanical strength and integrity

Kremling and Briigmann (1999) emphasized that none of the existing filter material fulfilled all
of the requirements, and this has not changed during the last decade. The marine chemist needs
to make compromises, and the highest priority is often given to potential contamination risk and
adsorption losses through the filter material. A reasonable filtration rate is desirable without quick
clogging of the filter, which can occur by processing high productive waters, that is, water samples
collected during phytoplankton blooms or from coastal and estuarine areas.

Various commercial filter materials are listed in Table 1.3. It is always practical if the filter mate-
rial can be easily precleaned according to the sample protocol. Chemical compatibilities of filter
materials with various chemical solutions are provided in Appendix B (Table B.2). Glass fiber filters
(GFFs) are the best choice for the determination of dissolved and particulate organic carbon (DOC/
POC), nitrogen (DON/PON), and phosphorous (DOP/POP). GFFs have a poor uniform pore size,
but they can be easily cleaned by baking at high temperatures (typically 450°C) for several hours,
to produce low blanks for these elements. For the same reason, and because they provide good
flow rates for high-volume samples, GFFs are commonly used to separate dissolved and particulate
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organic contaminants. GFFs are the classical filter material for the determination of chlorophyll pig-
ments, although recent studies showed that polycarbonate filters are a good alternative (Knefelkamp
et al., 2007). GFFs are also suitable for the filtration of nutrient samples except for silica, in which
polycarbonate filters are mostly used. Due to their low metal concentration and easiness to clean
with acid solutions, polycarbonate filters are widely applied for trace metal analysis. However,
these membranes are not suitable for Hg analysis due to adsorption and contamination problems.
Membranes made of Teflon-like materials minimize such problems in the trace analysis of Hg.

1.6.3 Cross-FLow FiLtraTION (CFF)

In pressure or vacuum filtration, fluid flow is perpendicular to the filter surface and the filter
rapidly becomes clogged with particles. In cross-flow filtration (CFF), called ultrafiltration (see
Chapter 14), fluid flows parallel to the filter surface and particles become more concentrated as
filtrate leaves through the filter’s pores. CFF is the only practical technique that allows the sepa-
ration of collodial from the truly dissolved phase by filtration of 10—100 L of seawater. The CFF
technique originates from the industrial application with the objective to recover certain products
from a concentrated stream. In contrast, the marine chemist’s objective is to achieve an accurate and
precise size separation in very diluted streams with commercial CFF systems designed for indus-
trial applications. Laboratory-scaled systems are now available (e.g., Osmonics HEPA, Millipore
PELLICON) for easier handling. During an intercomparison study on CFF systems, it was shown
that significant differences in the quantity and quality of collected collodial material occurred
among the participants (Buesseler, 1996), which has been well documented in several papers in
special issue 55 of Marine Chemistry. The differences have been attributed to the operator protocols
and different designs and operational factors of the CFF systems used, such as flow rate, transmem-
brane pressure, and membrane characteristics. For example, scanning electron microscopy (SEM)
combined with atomic force microscopy (AFM) revealed colloids smaller than 50 nm in all frac-
tions, indicating that CFF fractionation is not fully quantitative (Doucet et al., 2005). Furthermore,
permeate concentration of DOC increased with the concentration factor, that is, the ratio of initial
sample volume to final retentate volume (Guo et al., 2000; Larsson et al., 2002). Further studies on
the calibration of CFF systems are needed for a better understanding and standardization of them
and their operation. More details on CFFs are given in Chapters 6 and 13.

1.7 SAMPLE PRESERVATION AND STORAGE

Bacteria and micro- and nanoplanktons remain in filtered samples and continue to alter the concen-
tration of bioreactive elements and organic matter through digestion and excretion. Ideally samples
should be measured in situ, or at least shipboard immediately after collection. However, required
instrumentation is often not available on research vessels through technical and logistical con-
straints. Shipboard measurements in a routine manner have been reported for nutrients (Raimbault
et al., 1999), dissolved organic carbon (DOC) (Alvarez-Salgado and Miller, 1998), and trace metals
(Achterberg, 2000; Wurl et al., 2001). Nevertheless, the marine analytical chemist needs to have a
protocol in hand to preserve samples in case of circumstances leading to a delay in analysis. For
example, shortage of personnel and laboratory space, breakdown of instruments, and rough weather
are common situations at sea preventing the prompt processing of collected samples. An experi-
enced analytical chemist keeps part of a sample as a backup in case a reanalysis is required at a later
time, which makes preservation necessary. Another reason for sample preservation is the absence of
clean laboratories on research vessels, as sample processing and analysis under normal conditions
means higher risk of contamination. Preservation protocols for various analytes have been reported
in the literature, but unfortunately not always with consistent results and conclusions. Furthermore,
each class of constituents (or even individual analytes) with their own chemistry require storage
under different conditions. The complex interaction of different analytes with various materials
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needs to be carefully considered for long-term storage (>2 weeks). For example, nutrients are best
stored in polypropylene (PP) bottles, whereas such containers might be contaminating to samples
subjected to the analysis of DOC. Overall, no single and universal preservation protocol can be
recommended. Here general preservation techniques are reviewed and detailed protocols can be
found in the following chapters.

1.7.1  NUTRIENTS

Nutrients are subject to rapid changes in their concentration within a few hours in unpreserved
samples. Traditionally, HgCl, has been used for decades to stop biological activity, and therefore
to preserve nutrients in seawater samples (Kirkwood, 1992). Poisoning with 105 mg L' of HgCl,
preserved nutrients (except ammonia) in filtered seawater samples for up to 2 years (Kattner, 1999).
Kirkwood (1992) used a five times lower concentration of HgCl, and reported effective preserva-
tion at room temperature for 1 year. Concern has been reported that HgCl, at a concentration of
>59 mg L-! causes interferences in the measurement of nitrate using copperized cadmium reduc-
tors (Kirkwood, 1992). Furthermore, HgCl, has lost its status as a standard preservation technique
over the years due to the environmental impacts of mercury. Quick freezing in liquid nitrogen and
storage at —20°C has been reported to preserve nutrients in filtered samples for several months
(Gardolinski et al., 2001; Macdonald and McLaughlin, 1982; Venrick and Hayward, 1985). It is
essential that the process of freezing and thawing is quick to prevent losses. Silicate tends to polym-
erize in low-salinity samples during the freezing process, and storage of separate subsamples for
silicate analysis is necessary under acidic conditions (pH = 2.5) (Venrick and Hayward, 1985).
However, freezing under acidic conditions or acidification without freezing was unsatisfactory for
nitrate and phosphate in the same study. Good agreement of measurements with those of autoclaved
seawater samples has been reported after a storage time of 4 months (Aminot and Kérouel, 1995).
The same authors have tested successfully heat treatment and pasteurization for the preservation of
nutrients (Aminot and Kérouel, 1997). However, an airtight storage container is of utmost impor-
tance to avoid losses through evaporation, in particular for ammonia. Unpreserved coastal and
oceanic seawater samples subjected to nutrients analysis can be stored in the dark at 4°C for up to
2 and 8 hours, respectively.

1.7.2  TRACE METALS

The levels of trace metals are extremely low in seawater, and even minor losses or sample contami-
nation may have a great influence on the result, making “clean” sample preservation critical. It was
recognized in the 1960s and 1970s that losses of trace metals from seawater samples are caused by
adsorption on container walls, and acidifying is an effective approach to minimize such losses for
long-term storage (1-2 years). Acidifying with HNO; to pH < 1.5 has been adopted as a standard
preservation method (Subramanian et al., 1978; Berman et al. 1983). However, proper selection of
the type of container is requisite for the storage of seawater subjected to trace metal analysis, and
Nalgene (fluorinated ethylene-polypropylen) (Cuculiv and Branica, 1996) and polyethylene bottles
(Berman et al., 1983) have been reported to be the best material. Exceptional samples for the analy-
sis of mercury need to be stored in Teflon or quartz glass bottles. To avoid contamination of sam-
ples, a clean laboratory (Helmers, 1994) and ultrapure HNO; are required, for example, ULTREX
II (J.T. Baker) and ULTRAPUR (Merck).

Chelating resins have been used to separate trace metals from seawater shipboard with subsequent
elution in onshore laboratories (e.g., Chelex 100, XAD 4, NTA Superflow). The resin cartridges can
be easily stored onboard at <4°C. However, disadvantages include the necessary adjustment of the
pH of the sample for the uptake of metals on resin material. The optimal pH range varies among the
metals of common interest and between different resin materials (Lohan et al., 2005). Furthermore,
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incomplete recovery for some metals during elution can lead to underestimations of the results
(Hirata et al., 2003; Ramesh et al., 2002).

1.7.3 ORGANIC MATTER

When immediate analysis is not possible the samples are acidified with H,PO, shortly after col-
lection. High-purity concentrated H,PO, is used to adjust the pH value of the samples to pH = 2-3
(about 4 pl concentrated H;PO,/mL sample). This pH range is sufficient to eliminate biological
activity and convenient, as this pH adjustment is required for removal of inorganic carbon from
the sample prior to analysis. Deep ocean samples can be stored after acidification in sealed glass
ampoules (precombusted) at 4°C for 1 year (Hansell, 2005), but in general should be analyzed as
soon as possible, in particular samples from surface waters. A pH of <2 is not recommended, as
strong acidification may lead to the enhanced production of volatile products from organic matter
and precipitation of macromolecules. Storage at —20°C in sealed glass ampoules has been reported
(Pakulski and Benner, 1994), but since analytical procedures require acidification, it is advisable to
preserve the samples with the addition of H;PO,.

Carbohydrates in seawater samples have been preserved with HgCl, (Ahel et al., 2005; Ittekot
et al., 1981) or stored in precombusted and sealed glass vials at —20°C (Pakulski and Benner, 1994).
However, Hiroshi (1978) reported that carbohydrates in seawater could only be preserved in unused
PP containers at —20°C for 23 days, but not in used PP or glass bottles because of adsorption pro-
cesses on the container walls. Samples subjected to the analysis of amino acids were also stored
frozen without defined duration of storage (Horiuchi et al., 2004; Kuznetsova et al., 2005) or treated
with HgCl, (Svensson et al., 2004). Samples for the analysis of individual carbohydrates and amino
acid enantiomers cannot be acidified, as hydrolysis causes changes in these molecules.

Most bioaccumulative organic pollutants occur at trace concentrations in seawater, and their
analysis often requires the processing of several hundreds of liter of seawater, including in situ
filtration and adsorption on an adsorbent. Adsorbed on such material is often the only way to store
and analyze such a great volume of oceanic water for longer periods. Dachs and Bayona (1997)
compared C,; extraction disks and Amberlite XAD-2 as adsorbents for the sorption and recovery
of dissolved n-alkanes, polyaromatic hydrocarbons (PAHs), and polychlorinated biphenyls (PCBs).
Polyurethane foam (PUF) plugs have also been used to extract PCBs from seawater (Gustafsson
etal., 2005). Preparation of analyte-free adsorption material, its breakthrough volume, and complete
recovery of analyte are of concern (see Chapter 15), but it often provides the only way to store
organic pollutants extracted from seawater for a longer period (typically at < 4°C), that is, to con-
duct the elution and analysis in a clean environment in the home-based laboratory. Petrick et al.
(1996) developed an in situ sampler for the filtration and extraction of organic pollutants on
XAD-2 cartridges at the depth of collection (maximum depth, 6,000 m), and it can be considered
state-of-the-art sampling of organic pollutants from seawater (see Figure 1.6).
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2.1 INTRODUCTION

The dissolved organic matter (DOM) pool in the ocean is equivalent to that of the atmospheric CO,
and is measured at ~10'® g (McCarthy et al., 1996). Net oxidation of only 1% of the oceanic DOM
pool within 1 year would be sufficient to generate a CO, flux larger than that produced annually by
fossil fuel combustion (Hedges, 2002). The great size and dynamics of the DOM pool have brought
it within focus of global proportions. The DOM pool provides a large reservoir of substrates for
life, a source for nutrient regeneration, ion exchange capacity, binding capacity of contaminants,
light, and heat absorption. The carbon pool drives the microbial loop in the ocean, and therefore
the marine food web. Overall, accurate quantification of DOM pools, fluxes, and their controls
is critical to understanding oceanic carbon cycling and how the oceans will respond to increasing
concentrations of atmospheric CO, and climate change. However, knowledge of the marine carbon
cycle, including production, recycling, and burial of organic matter, is still limited, and so is the
precise estimation of its reservoirs.

DOM consists of three subsets: (1) dissolved organic carbon (DOC), (2) dissolved organic nitro-
gen (DON), and (3) dissolved organic phosphorous (DOP). The determination of DON and DOP and
their particulate forms is described in Chapter 9, whereas this chapter addresses the measurements
of DOC and particulate organic carbon (POC). POC is defined as the fraction typically retained on
a filter with a pore size of 0.7 wm, whereas DOC is the fraction that passes through it. In comparison
to DOC and dissolved inorganic carbon (DIC), the POC pool comprises a rather small amount of
carbon in oligotrophic waters, that is, oceanic waters. However, it represents an important fraction
of the total organic carbon (TOC) pool by forming sinking aggregates (marine snow) together with
gel particles (see Chapter 7) and being a source of food for organisms in the deep ocean.

The measurement of DOC and POC in seawater has been difficult and controversial (Dafner
and Wangersky, 2002a; Spyres et al., 2000), which has resulted in limited and questionable infor-
mation on the distribution of organic carbon in the global ocean as reported for the international
Joint Global Ocean Flux Study (JGOFS) (Hansell and Carlson, 2001). All techniques to measure
DOC are based on the conversion of all organic carbon to CO, through a chemical, photo-, or
high-temperature catalytic oxidation. Prior to the oxidative step, the inorganic carbon is removed
through acidification (to convert inorganic carbon to CO,) and purging with a purified gas (acid-
purging step). Two general approaches in the estimation of DOC have been used since the 1950s:
(1) wet chemical oxidation (WCO) with persulfate or UV light (Menzel and Vaccaro, 1964) and (2)
high-temperature combustion (HTC) on dried samples (Skopintsev, 1969). The resultant oxidation
product CO, has been detected using colorimetric techniques or through the loss of mass after
combustion. Nowadays, a nondispersive infrared (IR) analyzer is commonly used as a detector. The
WCO method (Menzel and Vaccaro, 1964) was widely used among marine chemists in the 1960s
and 1970s to estimate DOC in seawater. It is based on the chemical oxidation of organic compounds
by persulfate, but the limitations were low sensitivity and high blanks. In the 1970s, automated
photooxidation in the presence of oxidants was developed on the Technicon AutoAnalyzer II with
a coupled IR detector (Collins et al., 1977). Dillido (1976) designed the Technicon AutoAnalyzer I1
with photooxidation, in which the generated CO, is dialyzed through a silicone rubber membrane
and reacted with a buffered phenolphthalein indicator. The decrease in color of the indicator was
recorded with a spectrophotometer at a wavelength of 550 nm. The limitation of these techniques
was the unreliable estimation of blanks, which is a critical step in the accurate and precise mea-
surement of DOC. HTC methods were believed to be superior to WCO because of a more efficient
oxidation via a combustion tube streamed with oxygen. However, the HTC method became popular
in the late 1980s as the technique was modified by Sugimura and Suzuki (1988). The modifica-
tion included a Pt-catalyzed combustion unit (high-temperature catalytic oxidation [HTCO]) for
efficient oxidation. Furthermore, the HTCO technique is faster, easier, and more readily automated
than WCO techniques. The unusually elevated levels of DOC measured by Sugimura and Suzuki
with their newly developed HTCO led to excitement and new interest in the study of DOC profiles
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and distributions. However, it was reported by Benner and Strom (1993) and widely accepted that
Sugimura and Suzuki’s analysis suffered from high instrument blanks. For this reason, Suzuki
(1993) retracted the results that had caused so much excitement. However, because of the excitement
generated by their original paper, many researchers began to think in new ways about DOC research
and its analysis. Community-wide intercomparison of different methods and between laboratories
has been conducted and summarized by Sharp (2002), and the greater awareness of the impor-
tance of low instrument blanks and control of oxidation efficiency (Dafner and Wangersky, 2002a;
Spyres et al., 2000) has increased the accuracy and precision of the HTCO method over the last
two decades. The HTCO technique is currently the preferred analytical technique for the measure-
ment of organic carbon in aqueous media. Modern HTCO analyzers can be upgraded with units to
measure POC (this chapter) and total nitrogen (Chapter 9). Production and storage of low-carbon
water (LCW) still needs attention by the DOC analysts. Numerous sources of contamination dur-
ing processing of samples (i.e., sampling, filtration, preservation, and analysis) shipboard and in
laboratories exist through the high abundance of organic compounds. Overall, the measurement of
DOC and POC in seawater remains an analytical challenge due to low levels in oceanic waters and
potential contamination sources during sample processing and analysis, difficulties in maintaining
instrument blanks at a consistent and low level, and a lack of the use of certified reference materials
(CRMs) to validate methods within and among laboratories. For procedures of the measurement
of DIC and other CO, parameters, the reader is referred to the PICES special publication Guide to
Best Practices for Ocean CO, Measurements (Dickson et al., 2007), which is available for free on
the Internet (www.pices.int).

2.2 SAMPLING PROCEDURE

Sampling, like other trace analysis, is a very critical step in the analysis of organic carbon.
Inadvertent contamination can occur at any time during sample collection and treatment due to the
high abundance of carbonaceous compounds in the environment. Contamination sources include
sampling devices (i.e., bottles, conductivity-temperature-depth (CTD) cable, hydrowire, and storage
container), vessel operations (i.e., ship’s waste disposal and emissions, winches, dust dispersion),
and the analysts (i.e., fingerprints). Further problems include sorption onto bottle walls and changes
in concentration through biological and physical processes during filtration and storage.

2.2.1 PREPARATION OF STORAGE CONTAINER

The cleaning procedure and storage of a cleaned sample container before and after collection are
of utmost importance. A sample container should be made from a noncontaminating material, low
in the adsorption of organics to its walls, and economical. Glass bottles are the classical sample
container for DOC analysis, but their cleaning is more time-consuming and needs more attention
due to the bigger volume. Glass ampoules are a good choice, although they require some experi-
ence and practice for sealing with a portable gas burner. Typical pore-like openings formed during
glass sealing were smallest using the method of draw sealing (Greiff et al., 1975), as illustrated in
Figure 2.1. Dafner and Wangersky (2002a) reported that no contamination was introduced using
10 mL Wheaton glass ampoules, precombusted (i.e., S00°C for several hours) and prescored, but
ampoules of smaller volumes (i.e., 2 mL) can cause contamination during flame sealing due to low
headspace volume. Glass bottles or ampoules should be soaked for at least 12 hours (2-3 days is
better) in 10% HCI and then rinsed thoroughly with ultrapure water. Prior to combustion, the glass-
ware is covered with aluminum foil, heated to 500°C for >12 hours, and uncovered only before
drawing the sample from the sampling bottles. Alternatively, plastic containers made of high-density
polyethylene (HDPE) and polypropylene bottles are suitable for storage of DOC samples, provided
they have been soaked in 10% HCI for at least 1 week (i.e., removing leachable components) and
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FIGURE 2.1 Draw sealing according to Greiff et al. (1975). ® Neck of ampoule is carefully heated and @
removed from the flame and drawn out for about 2.5 cm. @ After cooling the ampoule is sealed by holding the
restricted tip in the flame for a few seconds while turning the ampoule.

rinsed thoroughly with ultrapure water. It is recommended to store a precleaned sample container
filled with deep-sea water (<2,000 m) and in Ziploc bags until use. The losses of DOC through
sorption on HDPE or polypropylene (PP) container walls are negligible, and no significant changes
in DOC concentration have been observed in bulk samples stored in glass ampoules, PP and HDPE
bottles for 5 months (Tupas et al., 1994).

2.2.2 PREPARATION AND OPERATION OF SAMPLING DEVICE

Specially modified Niskin and Go-Flo bottles are most suitable for the collection of DOC/TOC
samples. The Go-Flo bottle has the advantage of passing through the sea-surface microlayer (SML)
(see Section 1.5) closed, and thereby avoids coating its inside with surface film rich in organic carbon.
It should be noted that the larger the volume of the sampler, the less impact any inadvertent contami-
nation will have. Typical modifications include an interior Teflon coating of the bottle, replacement
of the standard latex tubing spring closure with Teflon-coated springs, and replacement of standard
sealing with heavy-walled silicone tubing and O-rings. The bottle should be equipped with mono-
filament nylon or Kevlar lanyards. In general, plastic material should be avoided, although properly
cleaned nylon, polypropylene (PP), and high-density polyethylene (HDPE) materials are considered
to be free of contamination. Soft plastic material (i.e., LDPE, latex, rubber) and materials with dis-
tinctive smells are likely to be contaminating. For example, no Tygon®- or phthalate-containing
material should be used as part of the sampling device. Niskin or Go-Flo bottles have to be care-
fully washed and rinsed just before deployment using a solution of 10% HCI and ultrapure water to
remove traces of contamination. Organic solvents were used in combination with 10% HCI (Loh and
Bauer, 2000) or as a single washing solution (Thomas et al., 1995) to clean sampling bottles or parts
of it, but this is not recommended here. After cleaning the sampling bottles need to be covered with
a clean plastic cover (acid rinsed) until deployment. It is recommended to estimate blanks from the
sampling and filtration device, as suggested in Section 2.6. While the sampling bottles pass through
the SML, organics enriched in this layer can be carried down by adsorption to the surfaces of the
bottles. This is of particular concern when Niskin bottles are deployed because they pass through
the SML while open. Contamination can be minimized by lowering the rosette (or single bottle on
hydrocast) as deep as possible to rinse it with clean deep-sea water before activating the collection at
the desired depths. After retrieval of the rosette sampler, the sampling bottles have to be shaken prior
to drawing the subsamples to ensure even distribution of particulates. The samples should be drawn
directly from the sampling port using nylon, PP, or a Teflon stopcock without any transfer tubing,
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and phthalate-containing tubing used for the foregoing collection was suspected to be contaminating
to DOC samples (Peltzer and Brewer, 1993). The sample should be allowed to flow freely from the
Niskin/Go-Flo bottle for a few seconds to clean the port. The receiving sample container should not
be in contact with the port. Transferring the sample from the Niskin/Go-Flo bottle into the sample
container should be done as quickly as possible to minimize the contact time with the air. The sample
container and caps are rinsed three times with a small volume of sample prior to filling. Overflow of
the sample container should be avoided in all cases. Water can be drawn back into the bottle after the
contact with the dirty exterior of the container, for example, the lip of the bottle (Cauwet, 1999).

2.3 SAMPLE PROCESSING
2.3.1 FILTRATION

2.3.1.1 Filtration Procedure for DOC

The decision to filter the sample prior to storage (or analysis) or not has to be made on a case-by-
case basis. Estuarine and coastal waters require the filtration of samples prior to storage during all
seasons. However, POC in oligotrophic waters (i.e., oceanic waters) often contributes only 1%—-2%
to the TOC, and filtration is not necessary and even represents a potential source or loss of DOC in
oceanic samples with typical low DOC concentrations (e.g., 40—60 uM). However, it cannot be used
as an explict guideline because phytoplankton blooms in certain oceanic regions cause the POC
concentration to rise substantially and filtration becomes necessary.

Filtration through gravity directly from the sampling bottle (see Figure 8.3) is recommended
using a precleaned (soaked in 10% HCI and rinsed with ultrapure water) 25 or 47 mm filtration
holder made of PP, PE, or Teflon. The connection tube between stop cock and filter holder has to be
made of PP, PE, or Teflon, and be kept as short as possible. The filtered sample should be collected
directly into the sample container. Glass fiber filters type F (GF/F) with a pore size of 0.7 wm are
the classical filter material due to the easiness of cleaning and the resulting low blanks. GF/Fs are
wrapped in aluminum foil, precombusted at 500°C for at least 12 hours, and stored in an airtight
container. They are unwrapped from the aluminum foil just before loading into the filtration unit. If
only DOC data are of interest, we found that polycarbonate filters (soaked in 10% HCI for several
hours and rinsed thoroughly with ultrapure water) are noncontaminating (Table 2.1). Compared to
GF/Fs, their advantage is a well-defined pore size (see Table 1.3) and less adsorption of water, that
is, of DOC. Other tested filters (precleaned in 10% HCIl) made from organic materials were con-
taminating (Table 2.1).

Alternatively, vacuum filtration can be used (see Section 1.6) with a low vacuum pressure
(<150 mmHg) to avoid cell lysis. The pump should be a nonoil system, and it is advisable to

TABLE 2.1

Concentration of DOC [uM C] in Filtered
Ultrapure Water through Different Types
of Filter Material (n = 3)

Filter Material Concentration [uM C]
Unfiltered 4019
Glass fiber GF/F 53£20
Polycarbonate 43109
Cellulose acetate 222+45

HVLP (polyvinylidene fluoride) 17.1£7.3
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disconnect the vacuum from the receiving flask before turning off the pump to avoid back vapor
contamination. Rinsing the precombusted filtration unit five times with ultrapure water and twice
with the sample results in very low DOC blank values (see Section 2.4). Vacuum filtration requires a
clean laboratory workspace, preferably clean room container laboratories with an ISO class 5 HEPA
filtered air system. A laminar airflow work bench can be useful as an alternative measurement to
avoid contamination through ambient air (see Section 2.4).

2.3.1.2 Filtration Procedure for POC

Vacuum filtration is required for the filtration of higher volumes (~1 L for coastal and up to 10 L
for oceanic waters) of samples to collect sufficient material for POC analysis. Precombusted and
preweighted GF/Fs (on a microbalance) are used to calculate the dry weight of filtered material after
drying. After reduction of the water column to a few milliliters, the filtration funnel is rinsed with
a few milliliters of prefiltered seawater. Some air is drawn through the filter to remove much of the
water in the filter. It is recommended to use GF/Fs with a diameter of 25 mm to accommodate for
the limited space of the combustion chamber of typical TOC analyzers. We usually store filters for
POC analysis in hinged-lid and airtight PP containers with an inner diameter slightly larger than the
filter diameter. Alternative sampling methods are described in Section 6.5.

2.3.2 PRESERVATION
2.3.2.1 Preservation of DOC Samples

The samples are transferred into 10 mL glass ampoules (recommended for storage of up to 1 year)
with precombusted pasteur pipettes and acidified with H;PO, or HCI under clean working condi-
tions (i.e., clean room or laminar airflow workbench) shortly after collection. Samples can be stored
in glass or plastic bottles (up to 5 months) used for the collection of the subsamples from the Niskin/
Go-Flo bottles, and this avoids the transfer step into the glass ampoules. However, the tightness of
the closure of the bottles needs to be careful checked. Alternatively, samples can be directly col-
lected and preserved in autosampler vials (see Section 1.4.2) provided they can be tightly closed.
High-purity concentrated H;PO, or HCI (e.g., ULTREX II, J.T. Baker; SUPRAPUR, Merck) is used
to adjust the pH value of the samples to pH = 2-3 (about 4 ul H;PO, or 12 ul HCI per mL sample).
This pH range is sufficient to eliminate biological activity and preserve organic molecules. A pH
of <2 is not recommended, as strong acidification may lead to the enhanced production of volatile
products from organic matter and precipitation of macromolecules. Glass ampules are flame-sealed
after acidification, whereas bottles are tightly closed and wrapped in clean Ziploc bags. The samples
are stored at 4°C in a refrigerator until the analysis. Generally, the storage time should be as short
as possible, although storage for several months without significant changes in DOC concentration
has been reported (Wiebinga and de Baar, 1998). The acidification requires clean working condi-
tions as outlined above. If such conditions are not available onboard, it is recommended to collect
subsamples in HDPE bottles (filled to three-quarters), immerse in liquid nitrogen for quick freezing,
and store at —20°C. Samples are then thawed at room temperature prior to analysis. It was shown
that this alternative preservation technique allows storage for at least 5 months (Tupas et al., 1994).
Storage at —20°C without quick freezing is not recommended.

2.3.2.2 Preservation of POC Samples

Filters in small PP storage containers are dried at 60°C in a clean oven. Blank filters should be
dried with each batch for control of potential contamination during drying. The dried samples are
weighed on a microbalance in a room with low humidity. Samples and blanks are stored at —20°C
in the airtight PP container.
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2.3.3 REMOVING PARTICULATE INORGANIC CARBON

The automated removal of DIC is well established in the HTCO analyzer (see Section 2.5). Particulate
inorganic carbon (PIC) is often negligible in its concentration compared to POC. However, PIC
needs to be removed in some cases, and the best-known case is the presence of coccolithophorid
blooms forming calcite shells. Materials from sediments and sediment traps can also contain higher
amounts of CaCO;. Removal of PIC within HTCO systems involves the addition of acid and heat,
but such an approach can lead to significant POC losses, in particular at low concentration ranges.
Alternatively, the vapor acidification method (Hedges and Sterm, 1984) is described here for sus-
pended particulates in seawater samples, although it is more time-consuming. Samples are placed
in ceramic boats (supplied with the solid combustion unit of the HTCO analyzer). The boats are
kept in a desiccator containing a small beaker with concentrated HCI for 48 hours. Samples rich in
coccolithophores should be analyzed visually under a microscope after fuming to ensure the calcite
shells have been disappeared. If not, the fuming needs to be repeated for another 24—48 hours. The
PIC-free samples are dried for 1 hour at 50°C to remove residual HCI] and water.

2.4 PREPARATION OF HTCO ANALYSIS

The preparation of the analysis includes (1) preparation of calibration standards, (2) cleaning of
autosampler vials, and (3) production of low-carbon water (LCW) for assessment of instrument
blanks. The preparation should be done at a clean workspace separated from other laboratory activi-
ties, in particular from the use of solvents. It is recommended to prepare LCW and calibration
standards in a clean room or under a laminar airflow workbench, as it offers protection against
dust. We have intentionally exposed autosampler vials containing ultrapure water to ambient air
in the laboratory and filtered air under a laminar airflow workbench. The results are summarized
in Table 2.2. As the extent of contamination is not related to the exposure time, it is suggested that
contamination originates from airborne particles randomly and not from continuous adsorption of
volatile organic compounds from the air. No contamination was detected in the samples protected
under the laminar airflow workbench.

TABLE 2.2

Concentration of DOC [uM C] in Duplicate
Samples of Ultrapure Water Exposed to the
Ambient Air and Protected under a Laminar
Flow Bench

Exposure Time (min)  Sample Set 1 Sample Set 2

Unprotected
0.5 354 28.4
2 6.2 4.5
10 13.7 34
30 2.6 2.8
Laminar Flow Bench
0.5 2.4 4.3
2 7.2 5.8
10 5.0 3.1

30 35 6.3
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2.4.1 PREPARATION OF CALIBRATION AND OXIDATION ErriciENCY (OE) STANDARDS

The volumetric flasks and other labware used for the preparation of the standards are rinsed with
ultrapure water, soaked in 10% HCI for at least 24 hours, rinsed with ultrapure water, and dried at
<100°C while wrapped in aluminum foil. Volumetric glassware is not combusted at high tempera-
tures, as the accuracy of the volumetric graduation will suffer under such treatment. Two OE stan-
dards prepared from EDTA and sulfathiazole are recommended to check the efficiency of oxidation
of the catalyst. The known concentration of these standards should be in the same range as expected
for the unknown samples.

2.4.1.1  Organic Carbon Stock Solution

Dry about 2.5 g of potassium biphthalate in a precleaned beaker at 100°C for 4 hours in a clean
oven. Weigh 2.1254 g of the dried potassium biphthalate and dissolve it in 1,000 mL of LCW (see
Section 2.4.3). One milliliter of the stock solution is equivalent to 1.00 mg C. Prepare calibration
solution by stock dilution in LCW. Adjust the pH value of the stock and calibration solution to 2-3
(about 4 ul H;PO,/mL solution).

2.4.1.2 Inorganic Carbon Stock Solution

Dry about 4.7 g of sodium carbonate and 3.8 g of sodium bicarbonate in precleaned beakers at
100°C for 4 hours in a clean oven. Weigh 4.4122 g and 3.4970 g of the dried sodium carbonate and
sodium bicarbonate, respectively, and dissolve it in 1,000 mL of LCW. One milliliter of the stock
solution is equivalent to 1.00 mg C. Prepare calibration solution by stock dilution in LCW. Adjust
the pH value of the stock and calibration solution to 2-3 (about 4 ul H;PO,/mL solution).

2.4.1.3 OE Standards

Dry about 2.8 g of sulfathiazole and 3.3 g of EDTA in precleaned beakers at 100°C for 4 hours in
a clean oven. Weigh 2.3641 g of the dried sulfathiazole and dissolve it in 1,000 mL of LCW (OELl).
Weigh 3.0992 g of EDTA and dissolve it in 1,000 mL of LCW (OE2). One milliliter of each OE
stock solution is equivalent to 1.00 mg C. Prepare OE standards by stock solution in LCW. Adjust
the pH value of the stock and OE standard solution to 2-3 (about 4 pul H;PO,/mL solution).

2.4.2 CLEANING OF AUTOSAMPLER VIALS

The autosampler vials are rinsed with a copious amount of ultrapure water and then soaked in 10%
HCI for at least 24 hours. After rinsing with ultrapure water, the vials are combusted at 500°C for
at least 5 hours. The septum caps are rinsed several times with ultrapure water, soaked in 10% HCl,
rinsed with ultrapure water, wrapped in aluminum foil, and dried at 100°C. The vials are immedi-
ately closed with the caps after combustion and stored in an airtight plastic container in a dry and
clean place. We observed an increase of blank samples by a factor of 3 in vials stored open and
with exposure to the ambient air compared to blanks analyzed in properly stored vials, as described
above.

2.4.3 ProbucTioN oF Low-CArRBON WATER (LCW)

It is a very challenging task to produce and store low-carbon water (LCW), which is required for
the assessment of the instrument blank and preparation of field blanks and standards. Erroneously
high instrument blanks lead to an overestimation of DOC in the samples, and the blanks therefore
need to be accurately measured. The instrument blank represents the blank of any HTCO analyzer
(system blank) plus the carbon content of the water used for the blank estimation. The catalyst is
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TABLE 2.3

Concentrations of DOC in Different Types of Purified Waters

Type of Ultrapure Water Concentration + SD [uM C]
Distilled water® 40.5+7.0 (n=10)
Non-UV-irradiated ultrapure water® 124+£52 (n=10)
UV-irradiated ultrapure water (old UV lamp)© 6.1£25(n=5)
UV-irradiated ultrapure water (new UV lamp)¢ 40x£2.0((m=11)
Blanks estimated during routine analysis of samples:

UV-irradiated ultrapure water (new UV lamp)? 6.0£2.1(n=15)
UV-irradiated ultrapure water with additional UV exposure 34+1.8(m=38)

in autosampler vials

2Fistream Cyclon, Sanyo.

bPureLab, Elga.

¢ Gradient, millipore (1-year-old UV lamp).
4 Gradient, millipore (6-week-old UV lamp).

considered to be a major source of carbon contamination in the system, but can vary between dif-
ferent types of catalysts (Benner and Strom, 1993; Cauwet, 1999).

We investigated the concentrations of carbon in distilled (Fistreem Cyclon, Sanyo), non-UV-
irradiated (PureLab, Elga), and UV-irradiated (Gradient, Millipore) water samples (Table 2.3). As
expected, distilled water is not suitable, as it contains as much carbon as seawater from the deep
sea. The non-U V-irradiated water contained levels of carbon lower by a factor of 3 than those in the
distilled water. Aliquots of UV-irradiated water were analyzed before and after the replacement of
the UV lamp in the Milli-Q system. The new UV lamp was more efficient in removing remaining
carbon in the ultrapure water compared to the old UV lamp (in use for 1 year). It indicates that a
well-maintained water purification system is essential to obtain LCW with lowest carbon content.

Typical blanks obtained with the Gradient water purification system in routine work were in the
range of 3 to 10 uM C (mean = 6.0 = 2.1 uM C, n = 15). A mean instrument blank of 6 uM C for
the analysis of DOC and TOC in oceanic waters is in the typical range, as reported by other studies
(Doval and Hansell, 2000; Fransson et al., 2001; Misic et al., 2005; Wiebinga and de Baar, 1998).
A simple setup has been used to keep levels of carbon in ultrapure water low by using autosampler
vials custom-made from quartz glass. UV-purified water in the presence of H,O, is further irradi-
ated under UV light in the custom-made autosampler vials. Twenty microliters of 30% H,0, is
added per 20 mL ultrapure water and the quartz glass vial tightly capped. The vial is then placed
under a UV-light cabinet (wavelength = 180-400 nm). After 8—10 hours another 20 puL of 30%
H,0, is added and placed under the UV light. This process is repeated three or four times. The
vial is placed directly on the autosampler tray to estimate the instrument blank without reopening
and transfer of the freshly produced LCW. The carbon content observed in water treated with this
procedure was lower (3.4 = 1.8 uM C, n = 8) in routine work than those obtained from the Gradient
purification system. However, well-maintained water purification systems with integrated photo-
oxidation (UV irradiation) can produce LCW suitable for the assessment of instrument blanks and
preparation of field blanks.

2.5 PERFORMANCE CHECK AND ANALYSIS ON HTCO ANALYZER
The principle of the HTCO technique is illustrated and described in Figure 2.2.
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FIGURE 2.2 Simplified principle of HTCO technique (e.g., Shimadzu TOC-Vpy). Acidified sample is drawn
into a syringe, purged inside the syringe, and released CO, carried through the nondispersive IR detector,
bypassing the combustion unit (inorganic carbon [IC] measurement). Then the syringe injects the sample
into the catalyst-filled combustion unit, heated to 680°C and flushed with oxygen, to oxidize and decompose
organic carbon into CO,. CO, streams are dehumidified and cleaned in a scrubber before passing the flow cell
of the nondispersive IR detector.

2.5.1 PerRFORMANCE CHECK

Prior to the analysis of samples, the analyst needs to ensure that the instrument is in good condition
to achieve highest accuracy and precision of the analysis. The described performance check and
analysis are routinely used on Shimadzu HTCO analyzers, but applicable to most other commercial
HTCO analyzers (e.g., Teledyne Tekmar, Ankersmid, etc.), although minor changes in the proce-
dure may be required. Typical HTCO instrument settings are summarized in Table 2.4. Autosampler
functions usually include various options and should be set as in Table 2.4. If samples have been
stored frozen without addition of acid, automatic acid addition is set with an adjusted volume of
H,PO, (85%) to lower the pH of samples to 2-3.

Various types of catalysts have been used in the past (Sharp et al., 1995), but a more recent study
suggested that a catalyst of Al,O, impregnated with 0.5% Pt achieves highest oxidation efficiency,
although a catalyst filled with quartz beads had a lower blank due to the amphoteric property of
Al O; (Benner and Strom, 1993; Watanabe et al., 2007). However, we recommend using catalysts of
Al O; impregnated with 0.5% Pt (Shimadzu type), as poor oxidation recoveries of alternative cata-
lytic material are unacceptable, in particular for catalysts based on quartz beads (Watanabe et al.,
2007). In case a new or reconditioned catalyst (for cleaning a catalyst, refer to Section 9.4) has been
installed prior to the analysis, the catalyst has to be conditioned for 24 hours at a typical furnace
temperature and repeatedly injected with LCW until the blank values have been stabilized and fall
in a typical range for the instrument. A large number of injections (up to 100) may be required to
bring the blank down to an acceptable level (Skoog et al., 1997). Skoog et al. (1997) also reported
that no deterioration in catalyst (Al,O; impregnated with 0.5% Pt) performance occurred up to a
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TABLE 2.4
Instrument Conditions and Typical Analytical Performance Data
for the Shimadzu TOC Analyzers Instrument Conditions/Settings

Instrument Conditions/Settings

Carrier gas Oxygen (ultrapure, >99.999%)
Flow rate 150 mL min!
Purge flow rate 75 mL min™!
Injection volume 80 mL
Catalyst 0.5% Pt-coated aluminum oxide
Furnace temperature 680°C
Oxidation product CO,
Detection Infrared detector
Recording Peak area
Autosampler Settings
No. of needle rinses 2
No. of flow line rinses 2
Auto addition of acid Off
Acid volume 0
Rinse after addition Off

Analytical Performance
Linearity 20 to >1,000 uM; R? > 0.9998
Limit of detection (mean blank + 3*G) DOC and TOC: 8§ uM
Precision as coefficient of variation (CV)  DOC: <3.6% at 60 uM; TOC: <4.0% at 60 UM
Sample throughput 2 samples/h, including 2 washing cycles and
3-5 repeat injections for each sample

total injection volume of 250 mL of seawater, that is, >2,500 injections. However, salt abrasion in
injection mechanisms may occur earlier (Spyres et al., 2000), and thorough cleaning to remove salt
deposits is necessary (see below).

After switching on the analyzer, the combustion unit needs to heat up (typical to 680°C) for
about 1 hour. If POC analysis is performed, switch on the module for solid sample (e.g., Shimadzu
SSM-5000A) and open the valve for the purified oxygen supply; wait until the combustion unit sta-
bilizes at the set temperature (typically 900°C). Meanwhile, the flow rate of CO,-free gas (purified
nitrogen, typically 150 mL min') and reservoirs for water, acid, and waste are checked. The purge
gas flow is checked and adjusted to typical values of 50-75 mL min~'. The injection port, syringe,
and combustion column have to be free of any salt residues, which are easily deposited after a large
number of seawater sample injections. Software-controlled cleaning procedures are very helpful
(e.g., Shimadzu) to flush and keep injection ports, syringes, valves, and combustion columns in
good condition for prolonged lifetimes. Repeated runs of cleaning procedures are performed after
the furnace reaches the desired temperature and stabilizes, or LCW is injected repeatedly if such
cleaning is not controlled by the software.

As a performance check, it is recommended to run four warm-up seawater samples, four LCW
blanks, a calibration set, OE standards (1 + 2), and two LCW blanks. This is a typical run prior to
the analysis of any unknown samples. The warm-up sample, calibration standards, LCW blanks,
and OE standards have to be acidified in the same manner as the unknown samples. The warm-up
seawater samples are run to minimize and stabilize the instrument background/blank. The same
sample will be injected repeatedly so it will be possible to see the stabilization of the instrument.
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If the instrument is still drifting after four warm-up samples, repeat injection until a reproducible
signal is obtained. The warm-up sample is ideally a deep-sea water sample or one with a low DOC
content. The recoveries of the OE standards should be better than 90% (see Section 2.6.4). Lower
values are an indication of the inefficiency of the catalyst to oxidize organic matter and have to be
replaced. With modern HTCO analyzers (e.g., Shimadzu) it is possible to condition the catalyst and
effectively measure the instrument blank with an internal recirculation of injected LCW. An LCW
sample is injected onto the catalyst, where it is combusted and collected downstream as pyrolyzed
water (e.g., theoretically carbon-free water). The latter is reinjected to determine the instrument
blank.

2.5.2 CALIBRATION AND ANALYSIS OF DOC SAMPLES

The calibration sets should include six standards (each for DOC and DIC), including a zero standard
(i.e., LCW), and cover the expected concentration range of unknown samples. For the calibration
of the detector, the oxidation step can be bypassed using a standard of CO, in air (e.g., NIST). The
instrument response (i.e., slope of the calibration line) should be identical with both calibration
modes.

After a satisfactory performance check and full calibration, a typical run of unknown samples
consists of two LCW blanks, a series of samples with LCW blanks interdispersed, an LCW blank,
and two calibration standards identical to the initial set and LCW blank. By repeating the two cali-
bration points, it is possible to identify any drift in the instrument response.

2.5.3 CALIBRATION AND ANALYsIS OF POC SAMPLES

If removed through the fuming method (see Section 2.3.3), calibration with dextrose is sufficient for
the POC determination. Otherwise, an additional calibration set of Na,CO; (to determine PIC) is
required. Three ceramic boats are loaded with three different amounts of dextrose on a microbal-
ance according to the concentration range expected from the samples (typically 20 to 200 pg L).
The last sample boat is analyzed empty (blank). Each standard should be analyzed in triplicate.
Filter samples are loaded in ceramic boats with forceps and analyzed by pushing the sample boats
into a combustion unit (for Shimadzu SSM-5000A). Alternatively, samples (free of PIC) can be
analyzed with a CHN analyzer (see Chapter 9), which separates H, CO,, and N, through a gas chro-
matographic column, and subsequent detection with a thermal conductivity detector.

2.6 QUALITY ASSURANCE (QA)

A rigorous QA is essential for obtaining accurate and precise analytical data. For DOC analysis, QA
samples often contribute 20% to the total number of samples. For procedures to estimate accuracy
and precision of analytical methodologies, refer to Chapter 1.

2.6.1 FieLp BLANKS

Field blanks should be collected regularly (i.e., for each batch of samples collected/processed) to
monitor potential contamination during sample processing. Field blanks include blanks for (1) stor-
age, (2) filtration, and (3) the sampler device. Ideally, the various blanks are insignificantly different
from each other.

2.6.1.1 Storage Field Blanks

On the day of sample collection, at least two precleaned sample containers (same type as used
for sample storage) are carefully filled with LCW in a clean room or laminar airflow workbench,
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preserved as the samples (4°C with acidification or —20°C without acidification), and tightly closed.
The bottles are stored in the laboratory in the refrigerator or freezer, dedicated for the sample stor-
age for the same duration as the samples. These bottles represent the field blanks for storage.

2.6.1.2 Filtration Field Blanks

A volume of freshly produced LCW equivalent to the sample volume is filtered through the pre-
cleaned filtration unit just before the filtration of the samples. The filtered LCW is treated (pre-
served, stored, and analyzed) in the same way as the sample and other field blanks. The storage field
blank is subtracted from this blank to obtain the filtration field blank.

2.6.1.3 Sampling Field Blanks

Freshly produced LCW is poured into a precleaned and rinsed Niskin bottle, preferably in a clean
room container. If a sufficient number of sampling bottles are available, this Niskin bottle is closed,
mounted on the rosette, and deployed, but not used for the actual collection. After sampling, the
LCW is filtered, stored, and analyzed in the same way as the samples. Alternatively, the whole
procedure can be done prior to sampling by keeping the LCW inside the Niskin bottle for a time
equivalent to a typical sampling procedure without using a Niskin bottle for the actual sampling.
The filtration field blank is subtracted from this blank to obtain the sampling field blank.

2.6.2 BLANK CORRECTION

All results need to be blank-corrected, typically with the instrument blank. The area units of the
instrument blanks (LCW) are plotted with the run number. If no trend is evident, the average of
blanks obtained during the run is calculated and used for correction. Otherwise, a linear interpola-
tion is applied between two successive blanks. The difference between these two blanks is divided
by the number of samples between them plus 1. The quotient is the stepwise blank for successive
samples to be corrected. If major contamination occurred during sampling and treatments, a correc-
tion using field blanks may be adequate with an appropriate remark in the final data report.

2.6.3 CerTiIFIED REFERENCE MATERIAL

Certified reference materials (see Chapter 1) are essential for checking the accuracy of the analysis.
For DOC analysis, there is currently only one CRM available, coordinated by Dr. Dennis Hansell’s
laboratory at Rosenstiel School of Marine and Atmospheric Science (see Table 1.2). The CRM con-
sists of two samples, a low-carbon water (2 UM C) and a deep-sea sample from the Atlantic (about
45 uM C, depending on the batch). The CRM is already acidified with H;PO, and stored in a 10
mL ampoule. It can be stored for 1 year at room temperature. Laboratories involved in the analysis
of DOC in seawater should obtain this CRM material, and they are encouraged to report QA data
from CRM in scientific publications.

2.6.4 OxipATION ErriciENcY (OE STANDARDS)

To determine the completeness of oxidation the recovery of a known concentration of a recalcitrant
organic compound is measured during the performance check of the instrument (see Section 2.5).
Suitable test compounds are alinic acid, caffeine, EDTA, soluble starch, urea, oxalic acid, and
sulfathiazole. The use of EDTA and sulfathiazole is suggested here, and the preparation of OE
standards as described in Section 2.4. The recovery should be greater than 90% to ensure good
oxidation efficiency. Recoveries below 90% are indicative of the need to replace the catalyst. Sulfur-
containing compounds (e.g., sulfathiazole) are known to be more recalcitrant.
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The recovery is calculated according to
R= Cmeasured/COE-Sld X 100% (21)

with the measured concentration of DOC (C,,,.,rq) and the known concentration of OE standard
(Coksta)-

2.7 CONCLUSION AND FUTURE TRENDS

Carbon is a key element in oceanic biogeochemical cycles, and its accurate and precise measure-
ment has been the focus of marine chemists for many years. The HTCO technique is nowadays the
preferred analytical technique to estimate DOC in seawater. The technique has been developed
over the last two decades to a well-accepted standard method (e.g., see special issue 41 in Marine
Chemistry, 1993; Spyres et al., 2000; Skoog et al., 1997; Watanabe et al., 2007) since its appear-
ance in the literature (Sugimura and Suzuki, 1988). The HTCO technique has the ability to measure
nitrogen with an additional module, and simultaneous measurement of carbon and nitrogen is often
advantageous in biogeochemical studies. However, further distribution of available CRM and inter-
national intercalibration exercises are crucial for marine analytical chemists to test and validate
their DOC analysis, in particular in the context of complete oxidation of organic material, reproduc-
ibility of data, and robustness of the analyzer. Technical developments in the HTCO techniques will
occur in the future (Dafner and Wangersky, 2002b; Peterson et al., 2003). Furthermore, analytical
problems such as control of contamination and absolute stop of bacterial degradation in stored DOC
samples still exist and require awareness and skill from the marine analytical chemist. For example,
it is still not resolved how to measure DOC adsorption on filters used for POC analysis, therefore
leading to an overestimation (Gardner et al., 2003). Many studies nowadays require smaller spatial
and temporal data resolution than in the past, and such a trend is likely to continue in the future.
DOC measurement onboard research vessels has been successfully reported, but the sample rate on
a typical HTCO analyzer is about 45 minutes per sample (triplicate injection), that is, 8 to 10 hours
for a depth profile at twelve depths without QA samples. In practice, samples are often accumulated
in the fridge for storage. Seagoing DOC measurement avoids physical and chemical treatments of
samples, and the analysis of fresh and unaffected DOC samples is of great benefit to understand
oceanic carbon cycling better (Dafner and Wangersky, 2002b). As sparging time to remove DIC is
the most time-consuming step with the HTCO analysis (typically 10 minutes for each analytical
cycle), technical developments for a quicker but complete removal of DIC will lead to an improved
sampling rate.
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3.1 INTRODUCTION

Carbohydrates are ubiquitous in the marine environment and comprise about 15% to 35% of the dis-
solved organic carbon (DOC) (Burney et al., 1982; Romankevich, 1984; Pakulski and Benner, 1993;
Myklestad and Bgrsheim, 2007). Carbohydrates are versatile compounds of the dissolved organic
matter (DOM) serving numerous functions in cell metabolism, for example, as energy, storage, and
structural components.

In most phytoplanktons, structural carbohydrates are water-insoluble polysaccharides (typically
cellulose, B-1,4-linked polymer of B-D glucose) that are mainly present as fibrillar cell wall con-
stituents forming the skeleton of the wall, and thus providing structural support and protection (Lee,
1999). The amorphous component of the wall forms a more complex matrix of other carbohydrates,
in which the fibrillar component is embedded. Bacterial cell walls are made of peptidoglycan (also
called murein), which is made from polysaccharide chains cross-linked by unusual peptides con-
taining b-amino acids.

Phytoplankton-derived carbohydrates are the major form of storage of chemical energy and
provide, in turn, nonphotosynthesizing organisms with energy through glycolysis and respiration.
Storage carbohydrates are produced in the light and serve then as an internal energy and carbon
reserve. In low light conditions, or at night, this reserve can be used for maintaining cell metabolism
and protein synthesis (Lancelot and Mathot, 1985; Granum and Myklestad, 2001). Photosynthesis
under high light conditions and nutrient limitation can lead to excess production of storage carbohy-
drates (Myklestad and Haug, 1972; Myklestad, 1988) and their accumulation within the cells. Such
conditions enhance the extracellular release of carbohydrates (Staats et al., 2000), typically released
as large heteropolymers. While amino acids (see Chapter 4) are the major cellular component in
rapidly growing cells, carbohydrates are the dominating compounds among extracelluar release
products (Myklestad and Haug, 1972; Penna et al., 1999; Granum et al., 2002).

Besides the extracellular release of carbohydrates by phytoplankton as a significant part of the
DOC in seawater, sloppy feeding and egestion by zooplankton (Strom et al., 1997) and cell lysis
(Fuhrmann, 1999; Suttle, 2005) are further major sources of carbohydrates in seawater cycling
through the marine carbon system. As dissolved fractions, carbohydrates can rapidly grow to com-
plex polymers (Chin et al., 1998), which aggregate further to gel-like particles. Such particles (par-
ticulate organic matter [POM]) play a significant role in biogeochemical cycles (see Chapter 7),
including carbon sequestration to the deep ocean through the formation of marine snow. Overall,
understanding the sources, transformation, and fate of carbohydrates in the marine environment can
provide insight into the overall cycling of photosynthetically produced organic carbon.

The analysis of carbohydrates in seawater is challenging for various reasons. First, typical con-
centrations of carbohydrates are low in seawater (nanomolar concentration range), and for molecular
separation techniques desalting of the sample is necessary, which can lead to potential losses of
analytes (Borch and Kirchman, 1997). Second, their detection is difficult as carbohydrates lack
light-absorbing chromophores and chemical derivatization is required prior to analysis. Last, but not
least, carbohydrates exhibit multiple charge states at a typical pH value for seawater, for example,
neutral sugars, amino sugars (positively charged), and uronic acids (negatively charged), challeng-
ing the molecular isolation of these compounds.

A review of various analytical techniques for carbohydrate analysis in seawater is given by
Panagiotopoulos and Sempéré (2005a). Bulk analysis of carbohydrates using spectrophotometric
methods includes diverse classes of carbohydrates with the advantage of simplicity of instrumental
technique and short analysis time, but lack of molecular identification. The most common spectro-
photometric methods are the phenol-sulfuric acid (PSA) method (Dubois et al., 1956), the 3-methyl-
2-benzo thiazoline hydrazone hydrochloride (MBTH) method (Burney and Sieburth, 1977) and the
2,4,6-tripyridyl-s-triazine (TPTZ) method (Myklestad et al., 1997). The TPTZ method combines
the low detection limits and good precision of the MBTH method with the rapidity and simplicity
of the PSA method. For these reasons, the TPTZ method is most suitable for shipboard analysis.
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In order for polysaccharides to be detected, they must first be hydrolyzed in acid to convert nonre-
ducing sugars to reducing sugars. Various hydrolysis protocols are reported in the literature using
different acids and concentrations as well as varying hydrolysis times and temperatures (Borch and
Kirchman, 1997; Panagiotopoulos and Sempéré, 2005a).

The advent of high-performance anion exchange chromatography (HPAEC) in the early 1980s
revolutionized sugar analysis on a molecular level compared to classical separation techniques using
borate complexes (Mopper, 1978; Mopper et al., 1980). The introduction of pulsed amperometric
detection (PAD) permitted carbohydrate detection at high sensitivity (down to 10 pmol) without pre-
or postcolumn derivatization (Rocklin and Pohl, 1983; Mopper et al., 1992; Jgrgensen and Jensen,
1994; Borch and Kirchman, 1997; Skoog and Benner, 1997). However, the technique requires con-
siderable effort for sample treatments, for example, removal of salts and metals by resins (Wicks et
al., 1991; Mopper et al., 1992). Various compounds were employed to form volatile derivatives for
the gas chromatographic (GC) detection of carbohydrates. Detection was most frequently performed
using flame ionization detection (FID). In contrast to liquid chromatographic techniques, GC can be
more easily coupled to mass spectrometry (MS), providing important structural information (Klok
et al., 1984; Sigleo, 1996). However, the multiplicity of sugar peaks in the chromatograms and the
potentially complex chemical manipulations require a demand of careful laboratory techniques and
interpretation.

It is difficult to compare reported concentration of carbohydrates in seawater, given the wide
range of hydrolysis protocols used by investigators and the lack of intercomparison studies between
analytical procedures. This chapter provides standard procedures for spectrophotometric and chro-
matographic techniques.

3.2 SAMPLING, FILTRATION, AND STORAGE

Carbohydrates are a major fraction of the DOC in seawater, and therefore similar precautions
in sampling as for DOC need to be taken to avoid contamination of samples (see Chapter 2).
Contamination sources include sampling devices (e.g., bottles, conductivity-temperature-depth
[CTD] cable, hydrowire, and storage container), vessel operations (e.g., ship’s waste disposal and
emissions, winches, dust dispersion), and the analysts (e.g., fingerprints). Further problems include
adsorption onto bottle walls and changes in concentration through biological and physical processes
during filtration and storage.

3.2.1 PREPARATION OF STORAGE CONTAINER

The sample container should be made from a noncontaminating material, low in the adsorption
of organics to its walls, and economical. As the required sample volume is low (typically 4 mL),
10 mL glass ampoules are well suited as storage containers. The sealing of the glass ampoules
requires some experience, and a procedure is outlined in Chapter 2 (Section 2.2.1). The glass
ampoules are soaked in 10% HCI for at least 2 days, rinsed with ultrapure water, and precombusted
at 450°C for >4 hours. The cleaned glass ampoules are stored in an airtight container. For the col-
lection of subsamples from Niskin or Go-Flo bottles, 60 mL screw-capped bottles made of glass
or HDPE can be used after thorough cleaning in 10% HCI and rinses with ultrapure water. Glass
bottles can be combusted at 450°C for >4 hours.

3.2.2 SAMPLING PROCEDURE

The procedure for DOC described in Section 2.2.2 should be followed. Briefly, precleaned (brushed
with 10% HCI and rinsed with ultrapure water) Niskin and Go-Flo bottles are most suitable for the
collection of seawater for the analysis of carbohydrates. The sampling bottle should be flushed at
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a deeper depth before retrieval to the desired depth and collection of water. Although all research
personnel involved in taking subsamples should wear disposable gloves, any touching of the open-
ing and port of the sampling bottle should be avoided. Before taking subsamples, the port is rinsed
with the sample by free flow for a few seconds. The sample is then collected in a 60 mL glass or
HDPE bottle, either online filtered or unfiltered (see Section 3.2.3).

3.2.3 FILTRATION

Filtration may contribute not only to sample contamination, but also to other systematic errors, such
as adsorption of analytes on filter material. Collection of oceanic waters may not require filtration
considering that particulate-associated carbohydrates are negligible compared to the dissolved frac-
tion (at most a few percent), and filtration may cause higher errors. However, unfiltered samples need
to be processed shortly after collection, as organisms in the sample (although low in abundance)
may alter concentration and composition of carbohydrates. Preservation of samples is difficult and
involves unpredictable risks of alterations of sample integrity (Section 3.2.4) due to the lack of
validated preservation techniques. Samples collected in estuarine, coastal, and oceanic waters with
high primary production need to be filtered as soon as possible after collection, preferably directly
online from the sampling bottle by gravity or in a clean laboratory by vacuum or syringe filtra-
tion as soon as possible after collection (<1 hour). Polycarbonate membranes (pore size of 0.22 or
0.45 uwm) are suitable for filtration, as potential contamination can be easily removed by soaking
filters in 10% HCI for >12 hours, and the cutoff size is well defined. All other filtration materials
(filter holder, syringe, vacuum filtration unit) are also soaked in 10% HCI for several hours, rinsed
with ultrapure water, and glass material combusted at 450°C for >4 hours.

The preferred filtration technique is online filtration directly from the sampling bottle through
gravity, as described and illustrated in Chapter 8 (Section 8.3.1 and Figure 8.3). Vacuum filtra-
tion should be performed at low and constant vacuum pressure of <150 mmHg to ensure that
polysaccharide-rich gel particles (see Chapter 7) are retained on the filter and do not contribute
to the fraction of dissolved carbohydrates. High vacuum or pressure during filtration forces those
flexible particles through filters, although their size is larger than the pore size. Low vacuum pres-
sures also prevent cell lysis on the filter. For these reasons, a low and constant pressure during
syringe filtration is required, but this technique is often preferable for shipboard filtration com-
pared to the relative extensive setup of vacuum filtration and difficulties to clean glass apparatus
(see Section 3.4.2).

To estimate the content carbohydrates from particulate matter, particles are collected from
250 to 2,000 mL of sample, and a low vacuum pressure is commonly used to complete filtration of
the larger volume in a reasonable time.

3.2.4 STORAGE AND PRESERVATION OF SAMPLES

Storage of samples may be subject to alteration during storage even when deep frozen (Liebezeit
and Behrends, 1999), but not within 2 weeks (Mopper et al., 1992). Any addition of preservative
agents to eliminate metabolic activity is likely to change the composition of carbohydrates, although
Mopper et al. (1992) reported no significant changes within 2 weeks of addition of acetonitrile
(10%, v/v). Based on Mopper’s report, it can be concluded that the storage in the freezer with-
out any addition of preservatives seems to be adequate, provided the samples are analyzed within
2 weeks. For the measurement of bulk concentrations, samples can be stored frozen (quick freezing
in liquid nitrogen) for a longer period of up to 5 months in sealed glass ampoules (similar to DOC, as
carbohydrates are a major component of DOC; see Chapter 2). Filters for the analysis of particulate
carbohydrates are stored at —80°C in screw-capped glass tubes.
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3.3 SAMPLE PREPARATION FOR SUGAR ANALYSIS: EXTRACTION
PROTOCOLS, HYDROLYSIS, AND DESALINATION PROCEDURES

The efficiency of extraction of sugars from marine samples is of critical importance in order to
maximize their amount for subsequent spectrophotometric or chromatographic analyses. Sugars
can be extracted from POM with boiling water for 1 hour (Handa, 1967; Handa and Tominaga,
1969), while alkali can also be used when extracting sugars from sediments (Miyajima et al., 2001).
This procedure generally targets the water-soluble carbohydrates, while the residue contains the
structural (non-water-soluble) polysaccharides. Once water-soluble carbohydrates are released to
the water phase, they can be precipitated using hydrophilic organic solvents such as methanol or
ethanol (Handa and Tominaga, 1969; Underwood et al., 1995) and further analyzed.

The most common extraction procedure that releases both structural and storage carbohydrates
from a marine sample (POM, sediments, DOM, etc.) is acid hydrolysis (Mopper et al., 1977, 1992;
Panagiotopoulos and Sempéré, 2005a, and references therein). This procedure requires the use of a
strong acid (HCI, H,SO,, trifluoroacetic acid [TFA]) at high temperatures (100-120°C) for several
hours (1-22 hours) and yields a pool of monomers (monosaccharides) (Table 3.1). Several factors
can influence the hydrolysis yield and depend on the type of acid used, acid strength (pH), the dura-
tion and temperature of the hydrolysis, and finally the nature of the sample (DOM, POM, sediment,
high molecular weight dissolved organic matter (HMWDOM), riverine POM sample, etc.).

Both strong and mild hydrolysis have been widely employed by marine biogeochemists (Table 3.1).
Strong hydrolysis is usually performed in two steps: samples are treated with concentrated H,SO, (72
wt% ~12 M H,SO,) for 2 hours at ambient temperature (pretreatment), and then the solution is diluted
to 1.86—1.2 M H,SO, and heated at 100°C for 3—4 hours (Mopper, 1977; Cowie and Hedges, 1984;
Pakulski and Benner, 1992). Although the two-step hydrolysis may induce losses of some monosac-
charides (notably of rhamnose, fucose, and xylose; Mopper, 1977), several investigators reported
that concentrated H,SO, gave higher total aldose yields than classical 1.86—1.2 M H,SO, hydrolysis
(Cowie and Hedges, 1984; Pakulski and Benner, 1992). By contrast, mild hydrolysis (0.09-2 M)
is usually performed without pretreatment using various acids (H,SO,, HCI, TFA, etc.). This type
of hydrolysis has been applied to all kinds of marine samples, including sinking or suspended
POM, HMWDOM, DOM, and sediments. Earlier investigations indicated that H,SO, (0.85 M,
100°C, 4 hours, or 0.85 M, 100°C, 24 hours) gave the same or higher concentrations for dissolved
carbohydrates in natural samples than hydrolysis in dilute HCI1 (0.09 M, 100°C, 20 hours, or 0.25 M,
100°C, 24 hours; Mopper, 1977, Hanisch et al., 1996; Borch and Kirchman, 1997). Borch and
Kirchman (1997) suggested that 0.85 M HCI hydrolysis (100°C, 24 hours) of DOM resulted in
yields similar to those of the pretreatment method (Pakulski and Benner, 1992). Trifluoroacetic acid
(TFA) at 121°C for 1 to 2 hours has also been used by marine biogeochemists for mild hydrolysis of
environmental samples (Wicks et al., 1991; Aluwihare et al., 1997; Repeta et al., 2002). A suite of
seven neutral sugars (fucose, thamnose, arabinose, galactose, glucose, mannose, and xylose) have
been measured in marine samples, while fructose and ribose concentrations are only occasionally
reported because they are partially or completely destroyed after acid hydrolysis.

Recoveries of monosaccharide standards using mild hydrolysis conditions (2 M TFA at 121°C
for 1 hour; 0.1 M HCI at 100°C for 20 hours; 0.85 M H,SO, at 100°C for 24 hours) fall into the
range of 70%-95% (Wicks et al., 1991; Borch and Kirchman, 1997). It is interesting to note that
whether mild or strong hydrolysis is used, sugar loss will occur and should always be taken into
account when interpreting the results. The most common sugars used as spiked internal standards
for correction of these losses are adonitol and 2-deoxyribose (Cowie and Hedges, 1984; Borch
and Kirchman, 1997). In a recent study Panagiotopoulos and Sempéré (2005a) indicated that mild
and strong hydrolysis give comparable results for open ocean samples, including POM, DOM, and
HMWDOM (except for sediments), and therefore other parameters should be considered before
using HCI, H,SO,, or TFA acids.
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TABLE 3.1
Common Hydrolysis Conditions for Carbohydrate Extraction for POM, DOM, Sediment,
and HMWDOM (>1 kDa)

Mild Hydrolysis Strong Hydrolysis
Molarity Duration Temperature Type of Molarity Duration Temperature Type of
M) (h) (°C) Sample M) (h) °C) Sample
HC1 0.1 20 100 Sink. POM, 120 12 Ambient Sink. POM
DOM
0.1 1 150 DOM 1.2° 3 100
0.24 12 100 DOM
0.5 1 100 Susp. POM
1 20 100 DOM
1.5 4 100 DOM
1.8 3.5 100 Susp. POM,
DOM
2 3.5 100 Susp. and
sink. POM
3 5 100 Susp. POM,
HMWDOM
3 1 100 DOM
3 110 Susp. POM,
HMWDOM
H,SO, 0.5 4 100 Susp. and 128 2 Ambient Susp. and
sink. POM sink. POM,
HMWDOM,
sediment
0.25 18 100 Sediment 1.2° 3 100
0.85 24 100 Sediment
1 4 90 DOM
1.2 3 100 Susp. and
sink. POM,
sediment
TFA 0.5 2 135 Sink. POM,
sediment
2 2 120 HMWDOM

Strong hydrolysis is performed in two steps:
2Treatment with concentrated HC1 or H,SO, at ambient temperature

®Hydrolysis with 1.86-1.2 M H,SO,/HCI at 100°C for 3—4 hours.

For example, H,SO, is not volatile compared to HCI or TFA acids. In this context, hydrolysis
employing sulfuric acid requires additional neutralization steps (use of Ba(OH), or precombusted
CaCO; powder). These steps involve precipitate formation of BaSO, or CaSO, salts that may provide
a substrate for absorption and possible sugar loss. In general, marine biogeochemists prefer CaCO,
over Ba(OH), because the pH remains lower with CaCO; (pH ~ 6), and hydrolyzed sugars do not
undergo rearrangements occurring at pH > 7 that would lower the recovery (Borch and Kirchman,
1997; Skoog and Benner, 1997).

HCI acid is a very good alternative over H,SO, because it does not require neutralization steps.
In our laboratory, we used HCI acid for hydrolysis of our marine samples, which results in very low
sugar losses (Panagiotopoulos and Sempéré, 2005b, 2007). Briefly, samples are hydrolyzed under a



Spectrophotometric and Chromatographic Analysis of Carbohydrates in Marine Samples 55

N, atmosphere with 0.1 M HCI at 100°C for 20 hours (Burney and Sieburth, 1977) in precombusted
Pyrex vials (450°C for 6 hours). After cooling, the acid solution is evaporated in a rotary evaporator
at ~30°C, and the residue is washed with a small volume of ultrapure water (200 puL), which is fur-
ther removed by a second evaporation (Panagiotopoulos and Sempéré, 2005b; Cheng and Kaplan,
2001). Repetition of the evaporation procedure two to three times by adding 200 UL of ultrapure
water until the pH is ~7 does not produce detectable sugar losses.

The desalination of DOM samples consists of salt removal (mostly NaCl) by ion exchange prior
to HPAEC-PAD or GC-FID/MS analysis (Mopper et al., 1992; Skoog and Benner, 1997; Sempéré
et al., 2008). This step is of great importance in order to minimize the salt content of samples, which
may harm the column performance and the detector of the chromatographic systems (e.g., shift of
the retention times because of the absorption of Cl- on the HPAEC ion exchange column, detection
of other ionic species by PAD, possible variations of the flow rate during analysis, and salt deposit
to the detector).

AG2-X8 resin in the carbonate form and AG50W-X8 resin in the hydrogen form are generally
used for desalting DOM samples. Before use both resins are Soxhlet extracted with CH;CN and
ultrapure water to minimize possible organic contamination. Then, resins are successively washed
with 1 M NaOH, ultrapure water, | M HCI, and ultrapure water. The anion exchange resin AG2-X8
in the CI- form is transformed to AG2-X8 in the HCO,~ form after addition of 1 M NaHCO,. One to
two drops of 10 mM AgNO, are added to the filtrate to check if any CI- is left in the resin (precipi-
tation of AgCl). Two milliliters of each resin bed is mixed and washed abundantly with ultrapure
water. This amount of resins is sufficient to desalt 4 mL of seawater sample.

Samples are desalted immediately after hydrolysis samples according to Mopper et al. (1992).
The reactions between resins and acidified samples (pH 1) favored the elimination of carbonates
(which were released into the sample by anionic exchange with CI-) into CO,, allowing a partial
neutralization of sugar samples (pH 3—4.5 after desalting) (Kaiser and Benner, 2000; Sempéré et
al., 2008). Briefly, two or three aliquots (0.5 mL) of the seawater sample are used to rinse the resin
bed. Then 2 mL of the sample is applied to the resin for 5 minutes or until effervescence ceases.
When most of the bubbles are gone, the column is drained with a N, stream and the sample is recov-
ered into a clean vial for further chromatographic analysis. Although some investigators (Rich et
al., 1996; Borch and Kirchman, 1997) reported sugar losses of 40%—50% during deionization, we
found lower sugar losses using the above protocol. The recoveries of desalted sugar NaCl solutions
(sugar standards 20—100 nM prepared in NaCl) were 85% + 9% (n = 4) for fucose, rhamnose, ara-
binose, and xylose (deoxysugars and pentoses), and 86% + 12% (n = 4) for galactose, mannose, and
glucose (hexoses), respectively. Procedural blanks run on the HPAEC-PAD with desalted sodium
chloride solutions showed only a small peak of glucose (-5 nM), even though a systematic peak
induced by desalting was coeluted with fructose, avoiding its quantification (Sempéré et al., 2008).
Therefore, we strongly recommend to run constantly blanks with ultrapure water passing through
the resin to check if any ionic species released from the column interfere in the sugar analysis.

The desalination procedure described here works for neutral sugars, while charged sugars (amino
sugars and uronic acids) are stuck to the column. Analysis of amino sugars is feasible using other
types of resins, like AG11 18-Biorad for neutralization and AG50-X8 in the Na form for desalting.
The amino sugars are subsequently eluted from the column with 20 mM NaOH (Kaiser and Benner,
2000). Desalination of samples containing uronic acids is performed with AG50W-X8 resin in the
hydrogen form after conditioning with 1 M HCI solution. Uronic acids are then eluted with ultrapure
water (Hung and Santschi, 2001).

3.4 SPECTROPHOTOMETRIC METHODS: ANALYTICAL PROCEDURES

All labware used in the following procedures is cleaned by soaking in 10% HCI for at least 2 days,
rinsed with a copious amount of ultrapure water, and dried in a clean oven at 60°C. In addition, all
glassware is combusted (except volumetric glassware) for at least 4 hours at 450°C. All labware is
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covered with aluminum foil and stored in a dry place. Ultrapure water for rinsing and preparation of
reagents should be obtained from a water purification system equipped with a multiwavelength UV
lamp and organic acid polishing cartridges (i.e., Millipore TOC plus).

3.4.1 Procepure FOR PSA METHOD
3.4.1.1 Preparation of Reagents

Reagent A: Phenol solution 5% (m/v). 5 mg of phenol is dissolved in 100 mL of ultrapure
water. The solution can be stored for 2 months at 4°C in an amber bottle.
Reagent B: Concentrated H,SO, (95%).

3.4.1.2 Procedure and Recommendations

This method is based on the dehydration of sugars in the presence of concentrated H,SO, at high
temperature, producing furfurals (from pentoses) and hydroxyfurfurals (from hexoses). The latter
compounds are condensed with phenol, which produces orange-yellow substances that absorb at
480-490 nm. The color produced is proportional to the amount of sugar originally present (Dubois
et al., 1956; Gerchakov and Hatcher, 1972).

The analytical procedure for sample preparation is as follows: In a 20 mL glass vial, we add 1 mL
of sample and slowly (exothermic reaction) 5 mL of concentrated H,SO,. The mixture is well vor-
texed and placed in a water bath at 100°C for half an hour. After cooling for 2-3 minutes at ambient
temperature, the vials are placed into an ice bath for 5 minutes. Then 1 mL of phenol 5% (m/v) is
added and the mixture is again well vortexed. The absorbance is measured at 485 nm no later than
1 hour in a 20 or 50 mm cuvette. We found that this procedure gave higher absorption values for
standard glucose (up to 10%—40% higher signal at the 50-1,000 mg L-! level, n = 5) than those
originally produced by Dubois et al. (1956) or other investigators (Liu et al., 1973; Underwood et al.,
1995, Miyajima et al., 2001), where all reagents with the sample were mixed and heated at 100°C.

We also recommend to run each sample in triplicate and to perform the whole procedure in the
dark by covering the reagent tubes with aluminum foil. By doing this, we found that precision of the
technique is improved to about 10% (n = 5).

The detection limit of the method is between 25 and 50 uM (in glucose equivalents), with a pre-
cision of <20% (n = 3) at the 50 umol level. At the 130 umol level the precision is better than 10%
(n = 3). We also investigated possible interferences from other compounds, such as amino acids, as
well as salt effects in sugar determination. Our results showed that several amino acids (leucine,
phenylalanine, serine, glutamic acid, and glycine) including BSA do not give a positive reaction
with the PSA reagents. Low signals (two times the detection limit of the method, ~45 uM) have
been found only for aspartic acid and alanine (at a final concentration of each compound of 100 mg
L-1). The effect of salts on the absorbance of standard glucose solution in ultrapure water and salt
water (10, 20, and 40 g L") is shown in Figure 3.1. The results show that high salinity (40 g L")
decreases the absorbance of glucose, and thus the sensitivity of the method by 14%—-38%. Therefore,
we recommended using this technique for samples with low salt content, such as sediments, POM,
and DOM from rivers.

3.4.2 ProCEDURE FOR TPTZ METHOD
3.4.2.1 Preparation of Reagents

Reagent A: Potassium ferricyanide (0.7 mM). 400 mg NaOH, 20 g Na,CO; and 230 mg
K;(Fe(CN),) are dissolved in 1,000 mL of ultrapure water. The solution can be stored for
several months at 4°C in an amber bottle.
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FIGURE 3.1 Influence of salts on standard glucose solution (5 mg L-!, 10 mg L-!, 25 mg L}, 50 mg L,
100 mg L1, 250 mg L, 500 mg L-!, and 1000 mg L-') made in ultrapure water (no salt), 10 g L-!, 20 g L1,
and 40 g L' of seawater salts. Each point corresponds to a triplicate measurement.

Reagent B: Ferric chloride (2 mM). 164 g sodium acetate (CH;COONa, anhydrous) and 42 g
citric acid (C,Hg0;) are dissolved in 650 mL of ultrapure water. Three hundred grams of
acetic acid is added, mixed well, and the volume is made up to 1,000 mL with ultrapure
water. The solution can be stored for several months at 4°C. On the day of analysis, 32.4 mg
of FeCl, (anhydrous) is dissolved in 100 mL of this solution to prepare the final reagent B.
After adding FeCl,, the solution is stable for 2 days at 4°C stored in an amber bottle.

Reagent C: TPTZ (2,4,6-tripyridyl-s-triazine, 2.5 mM). 78 mg of TPTZ is dissolved in 3 M
acetic acid. Reagent C is stable for 1 week and stored at 4°C at darkness.

3.4.2.2 Procedure

As the reactions are very photosensitive, light exposure to the samples and reagents is minimized
by conducting the analytical procedures in dimmed light, and test tubes are wrapped in aluminum
foil (Panagiotopoulos and Sempéré, 2005a). One milliliter of seawater (for analysis of monosac-
charides), hydolysate (for analysis of mono- + polysaccharides), or standard solution of D-glucose
is mixed with reagent A in a test tube (16 mL screw-capped test tube). The solution is heated for
10 minutes in a boiling water bath. Then 1 mL of reagent B and 2 mL of reagent C are added
immediately and mixed well. For adding the reagents, Eppendorf pipettes with acid-cleaned tips
are most practical. The solution is allowed to stand for 30 minutes to develop color complex before
the absorbance is read at 595 nm in a 20 or 50 mm (microvolume) cuvette. The spectrophotometer is
zeroed with ultrapure water and calibrated with D-glucose standards before analysis of samples. A
standard curve is obtained by the analysis of five standards with concentrations of 0.2, 0.25, 0.5, 1.0,
and 2.0 mg L-!. The standard solutions are prepared by dilution from a stock solution, which is made
from D-glucose dried in a desiccator for 24 hours under vacuum. No differences in absorbance were
reported for standard solutions prepared in ultrapure water and seawater (Myklestad et al., 1997).
Correlation coefficient R? should be better than >0.999. For the quantification of monosaccharides,
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blank values (obtained from ultrapure water) are subtracted from the sample absorbance and are
typically in a range of 0.03 to 0.05 absorbance unit with a 20 mm cuvette. Witter and Luther (2002)
suggested using an aliquot of each seawater sample as a blank prior to reagent addition to correct
for additional absorbance from light-absorbing chromophores that may be present in the samples
prior to derivatization with TPTZ. Blanks (ultrapure water) are hydrolyzed for the quantification
of polysaccharides, which is calculated as the difference between the total monosaccharide con-
centrations measured before and after acid hydrolysis. Hydrolyzed blanks are typically higher and
range between 0.036 and 0.06 absorbance unit with a 20 mm cuvette. The concentration of total
monosaccharide after hydrolysis needs to be corrected with a dilution factor according to the vol-
ume of acid and neutralization agent added during the hydrolysis step. All samples should be run
in triplicate, and precision is typically better than 10%. The limit of detection is 0.4 uM of glucose
(ie., 2.4 uM C).

3.5 CHROMATOGRAPHIC METHODS: ANALYTICAL PROCEDURES

All labware used for sample preparation for chromatographic techniques is cleaned as described
above, while syringes, inserts, and injection vials are cleaned successively with CH;CN, MeOH,
and ultrapure water and dried in a clean oven at 60°C. Ultrapure water was used for solvent (i.e.,
NaOH solution for HPLC) and sugar standards preparation.

3.5.1 HiIGH-PERFORMANCE ANION EXCHANGE CHROMATOGRAPHY WITH
PuLsep AmMPerROMETRIC DETECTION (HPAEC-PAD)

This method is based on anion exchange mechanisms between sugars and the stationary phase, and
the order of elution of sugars depends mainly on their dissociation constants (pKa = 12—13). Thus,
using a strong base such as NaOH (range = 12-25 mM) as an eluent, sugars are either partially or
completely ionized, permitting their separation (Rocklin and Pohl, 1983). Detection is performed
without derivatization by a pulsed amperometric detector (PAD) that applies a triple sequence of
potential to a gold electrode and allows the determination of sugars at nanomolar levels (Johnson
and LaCourse, 1990; Mopper et al., 1992).

3.5.1.1 Solvent Preparation

For sugar analysis four mobile phases are used (1) 20 mM NaOH (working solution), (2) 1 M NaOH
(cleaning solution), (3) ultrapure water for dilution of the NaOH solutions, and (4) 1 M NaOH (post-
column solution). The NaOH solutions are kept in 1 L polycarbonate bottles. The NaOH mobile
phases are prepared by diluting low-carbonate NaOH (J. T. Baker, analytical concentrate) into ultra-
pure water, which has been sparged with an ultrapure inert gas (He or N,) for at least 10 minutes at a
flow rate of 100 mL min~'. To avoid absorption of carbonates by NaOH, all solutions are constantly
purged with He at a flow rate of 4 mL min~!. In contrast to other HPL.C mobile phases (e.g., CH;CN,
MeOH), the NaOH solution does not require any filtration prior to use, which may induce contami-
nation. Sugars are separated with 19 mM NaOH solution, which consists of a 95/5 (v/v) mixture of
the working solution (20 mM NaOH) and ultrapure water (Panagiotopoulos et al., 2001). Assuming
four injections per day that include HPAEC-PAD runtime (35-40 minutes), column regeneration
(35—-40 minutes), and equilibration of the system with 19 mM NaOH (30-35 minutes), the working
solution (20 mM NaOH) can be used for only 4-5 days. If the 20 mM NaOH solution is not con-
sumed within a week, replace it with a fresh one.

3.5.1.2 HPAEC-PAD System Description

The most common HPAEC-PAD system used for sugar analysis in environmental samples is from
Dionex Corp., although other systems have also been used (Mopper et al., 1992; Jgrgensen and
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Jensen, 1994; Panagiotopoulos et al., 2001). The later systems employed different modules (pumps,
detectors) from various manufacturers; however, all of them used Dionex CarboPac™ PA-1 analyti-
cal columns, which are the best for monosaccharide separation. The analytical column is generally
placed into an oven in order to control its temperature (see below).

The electrochemical detector operates in the pulsed mode (PAD) and consists of a gold electrode
(working electrode) and an Ag/AgCl electrode (reference electrode). Although several electrochemi-
cal detectors (Dionex, DECADE, and EG&G) exist in the market with similar detection limits
(5-10 nM), the operating parameters/settings of one detector may not be well adapted for another.
Therefore, the optimization of the applied PAD potentials lies in the hands of the scientist to get the
highest response of the detector. All other components of the chromatographic system, including
pumps, tubing, and solvent bottles, must be made by inert materials such as polyether ether ketone
(PEEK), polypropylene, or Teflon because NaOH is highly corrosive.

3.5.1.3 Operating Procedure and Recommendations

The analysis of monosaccharides (fucose, rhamnose, arabinose, galactose, glucose, mannose, xylose,
fructose, and ribose) is made by isocratic elution with the use of a mobile phase set at 19 mM NaOH
and a flow rate of 0.7 mL min~!, while the column is placed into an oven at 17°C (Panagiotopoulos
et al., 2001). The gradient of temperature inside the oven is about 1°C, and 30 minutes is needed to
reach equilibration inside the oven. Although several investigators proposed different elution con-
ditions (12-24 mM NaOH) at different temperatures, we found that the above conditions were the
optimal in order to achieve the best separation of closely eluting pairs of sugars, such as rhamnose/
arabinose and xylose/mannose (Rs = 1.02; RS 301 = 0.70). In addition, small changes in tem-
perature (£5°C) that can be found in uncontrolled laboratory conditions may significantly influence
the retention times of sugars, resulting in coelutions or poor reproducibility, and therefore the con-
trol of temperature is fundamental to obtain consistent results (Panagiotopoulos et al., 2001).

Before detection (i.e., between the column and the detection cell), a strong base (1 M NaOH, post-
column solution) at a flow rate of 0.2 mL min~' may be added to the eluent stream to enhance PAD
sensitivity and minimize baseline drifting (Dionex, 1989). We recommend using this postcolumn
addition when working at <20 mM NaOH; however, it should be kept in mind that this addition
induces a dilution of the sample before detection.

As indicated above, HPAEC-PAD eluents are continuously purged; nevertheless, this can be
insufficient, and traces of carbonate may be present in the chromatographic system. This prob-
lem is most pronounced with eluents <20 mM NaOH. Although previous research (Cataldi et al.,
1998) indicated that the addition of Ba(OH), into the eluents reduces significantly (by production
of BaCO,) the amount of carbonate, we found that the use of Ba(OH), also decreased the resolu-
tion factor of closely eluted sugars (mannose/xylose). As such, a carbonate retarder column ATC-1
(Dionex Chrom Ion PAC) is installed between the injector and the pump. The carbonate retarder
column is regenerated once every 2 months using a Na,B,0, solution (final concentration = 70 mM)
at a flow rate of 1 mL min~!. Additionally, all samples are sparged for 10—15 seconds with He/N,
prior to injection to remove any dissolved carbonate.

Finally, flushing the column between two sample injections using 1 M NaOH (cleaning solu-
tion) for 30—40 minutes not only regenerates the column (elimination of carbonate traces), but also
reestablishes its performance by removing other organic or inorganic contaminants associated with
sugar samples.

Precision of the method falls in the 5%—-10% range (coefficient of variation, n = 5; based on
peak areas) at the 50 nM level for sugar standards, with a detection limit of 5-10 nM (S/N = 3, loop
200 pL; Panagiotopoulos et al. 2001; Mopper et al., 1992). Analytical errors determined from dupli-
cate analysis of environmental samples are <8% for all sugars except ribose (15%—17%).

The procedure described here is optimized for the separation and detection of neutral sugars. For
charged sugars (amino sugars and uronic acids) other elution conditions, including gradient with

rha/ara
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CH,COONa/NaOH, should be used to achieve a good separation of these compounds (Kaiser and
Benner, 2000; Colombini et al., 2002).

3.5.2 GAs CHROMATOGRAPHY WITH FLAME IONIZATION DETECTION
(GC-FID) or Mass SPECTROMETRY (GC-MS)

As indicated above, sugars are not volatile, and therefore, they must be derivatized prior to the GC
analysis. Several derivatization procedures can be found in the literature, including trimethylsilyl
ester derivatives (Modzeleski et al., 1971; Cowie and Hedges, 1984; Hernes et al., 1996), trifluoace-
tate esters (Eklund et al., 1977), and alditol acetate derivatives (Klok et al., 1982; Tanoue and Handa,
1987; Aluwihare et al., 2002). All these techniques have advantages and drawbacks. Here we will
present the alditol acetate procedure because it reproduces easily interpretable chromatograms (no
multiple peaks for each sugar). Briefly, this derivatization procedure is based on the reduction of the
sugar carbonyl group using NaBH,-producing sugar alcohols (alditols). The latter compounds are
acetylated, resulting in volatile alditol acetate derivatives ready for GC analysis.

3.5.2.1 Procedure for Alditol Acetate Derivatives
3.5.2.1.1  Preparation of Reagents

Reagent A: 1 M NH,OH/NaBH, solution. 100 mg of NaBH, is dissolved to 10 mL of 1 M
NH,OH. The 1 M NH,OH solution is prepared by dilution of stock solution ammonium
hydroxide, ~13.2 M (25% w/w). The 1 M NH,OH/NaBH, solution is not stored in the
refrigerator and should be fresh.

Reagent B: MeOH/CH;COOH solution at 9:1 (v/v).

Reagent C: Glacial CH;COOH.

Reagent D: CH,Cl,.

Reagent E: MeOH.

Reagent F: Acetic anhydride (kept in the dessicator).

Reagent G: 1-Methyl imidazole (kept in the dessicator).

Reagent H: Anhydrous sodium sulfate (precombusted at 450°C for 4 hours and kept in a
dessicator).

All solutions can be stored in the refrigerator, but solutions should be made fresh every 3 months.

3.5.2.1.2 Alditol Acetate Procedure

The procedure described here is based on the preparation of alditol acetate derivatives by York
et al. (1985) and Aluwihare et al. (2002). In a 4-5 mL vial sugar samples/standards are dissolved in
0.25 mL of 1 M NH,OH/NaBH,. The solution is flushed with N,, and kept at room temperature for
a minimum of 1 hour. The reaction is quenched with a few drops of glacial acetic acid until bub-
bling is ceased. Glacial acetic acid is further removed by adding 0.5 mL methanol/acetic acid of 9:1
(v/v), and the solution is evaporated under N,. The last step (addition of methanol/acetic acid and
subsequent evaporation) is repeated three more times.

Then 0.5 mL of 100% methanol is added to the vial and the sample is evaporated to complete
dryness. The last step is repeated two or three times.

The dry alditols are acetylated with 100 UL of acetic anhydride and 20 puL of 1-methyl imidazole.
The sample is mixed thoroughly and allowed to stand for 15 minutes. The excess of acetic anhy-
dride is quenched with 0.5 mL of ultrapure water. After 10 minutes at room temperature, 0.5 mL of
dichloromethane is added and the solution is vortex mixed. The organic layer (lower) containing the
alditol acetates is transferred to a 4 mL clean vial. Trace amounts of water are further removed by
adding a pinch of sodium sulfate. The solution is then filtered through quartz wool (precombusted
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at 450°C for 4 hour) and the organic layer is transferred to another 4 mL vial. The dichloromethane
is removed under a stream of N,. The alditol acetates are then dissolved in methanol and analyzed
by GC-FID or GC-MS. All sugar standards and samples are run in duplicate. The above procedure
can be broken to leave samples standing only at a dry step, and then samples must kept refrigerated.
Alditol acetate derivatives are stable for 3—4 months when kept at 4°C in the dark.

3.5.2.2 GC-FID/MS System Description

Gas chromatography of the alditol acetates is performed using a DB-5 (5% phenyl-methylpolysilox-
ane) fused silica capillary column (0.25 mm ID, 0.20 mm film, 30 m length), installed in a Carlo
Erba, Agilent, or HP gas chromatograph equipped with a flame ionization or mass spectrometer
detector. Helium is generally used as carrier gas at 0.5 or 1 mL min~!. Both the FID and the port
injector (split/splitless) are maintained at a constant temperature of 300°C. The injector generally
operates in the splitless mode (valve reopened 1 minute after injection). When mass spectrometers
are employed as the detection mode they are commonly operated at 70 eV (electron impact), while
the source temperature is set to 250°C.

3.5.2.3 Operating Procedure and Recommendations

Alditol acetate derivatives are injected at 90°C column temperature. After 8 minutes the oven tem-
perature is rapidly raised by 10°C min~! to 150°C and then to 230°C by 2°C min~'. The oven
is maintained at this temperature for about 47 minutes. Alditol acetates are eluted within 20—
45 minutes (Figure 3.2). Peaks are identified (through retention times or their mass spectra) using a
standard mixture of seven neutral monosaccharides: arabinose, rhamnose, fucose, xylose, mannose,
galactose, and glucose (Figure 3.2). Myo-inositol or inositol is generally employed as an internal
standard for quantification.
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FIGURE 3.2 Typical GC-MS chromatogram of a standard mixture of sugars (16.4 ng uL-! e.a.) after deriva-
tization to their alditol acetate derivatives. Analytical conditions as described in the text (see Sections 3.5.2.2
and Sections 3.5.2.3).
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Precision of both GC-FID/MS techniques fall in the <20% range at the 150200 nM level, and
the detection limit in the low ppb level (ug L") (Panagiotopoulos and Sempéré, 2005a). GC-MS is
generally more sensitive and more expensive than the GC-FID. Nevertheless, sugar compounds can
be identified not only by their retention times but also by their specific mass spectral fragmentation
pattern, which provides additional verification about the identity of the sugar. In addition, unknown
sugars present in a sample may be identified by MS. From this perspective it is preferable to choose
an MS detector than an FID.

3.6 CONCLUSION AND FUTURE TRENDS

Sugars are important organic components of the DOM; however, literature results cannot be com-
pared to each other because of the various extraction protocols from marine samples as well as the
different analytical techniques used by marine biogeochemists. Here we present the most employed
procedures (extraction protocols and analytical conditions) for spectrophotometric and chromato-
graphic sugar analysis. The two most common spectrophotometric methods are the PSA and TPTZ,
while for individual sugar determination HPAEC-PAD and GC-FID/MS have been used.

The HPAEC-PAD technique is unique in that detection is performed without derivatization and
has a very low detection limit compared to GC-MS. On the other hand, although the GC-MS tech-
nique is tedious (preparation of volatile derivatives; see above), it includes a much broader spectra
of sugars in the analysis (not only neutral sugars), including amino sugars, methylated, methylde-
oxy, 2-deoxy sugars, and 6-deoxy sugars, for which authentic standards are not always available
(Figure 3.2; Moers et al., 1989; Klok et al., 1984; Panagiotopoulos et al., 2007). Future analytical
developments consist of developing an extraction procedure and analytical techniques for the analy-
sis of acidic sugars (uronic acids, sulfated and phosphorylated sugars), for which little biogeochemi-
cal information is available. In this regard, the combination of HPAEC and MS may provide crucial
structural information for these compounds. However, interfacing anion exchange chromatography
with MS detection is a technological challenge. Typical alkali acetate and hydroxide eluents are not
compatible with atmospheric pressure ionization due to their nonvolatility and high conductance, and
therefore, a desalting device needs to be installed between the column and the MS.

Recently, the Dionex Corp. made this coupling feasible (Cataldi et al., 2000; Bruggink et al.,
2005), and the first applications were made in DNA-glucosylated compounds (Bidmon et al., 2007),
glucosylflavones from flowering plants (Kite et al., 2006), and intracellular metabolites (Van Dam
et al., 2002). To the best of our knowledge there are no environmental applications for sugar deter-
mination using HPAEC-MS/MS, and therefore it will be very interesting to perform such sugar
analysis with this new technique.
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4.1 INTRODUCTION

Amino acids are essential building blocks of life. A number of mechanisms are responsible for the
presence of amino acids in seawater, including direct release by phytoplankton via passive diffusion
or active exudation, zooplankton excretion, and bacterial exoenzyme production (Nagata, 2000;
Bronk, 2002). Indirect mechanisms include viral lysis, heterotrophic grazing, fecal pellet dissolu-
tion, and death and decay of both autotrophic and heterotrophic organisms (Jumars et al., 1989;
Carlson, 2002).

In the course of bacterial degradation the amino acid content of organic matter strongly decreases,
and amino acids turn from a major component of living biomass into a minor component of the
nonliving organic matter in seawater and sediments (Cowie and Hedges, 1992; Dittmar et al., 2001;
Bronk, 2002). The residence times of amino acid compounds in a water column are a function of
their molecular structure as well as the physiologic status and taxonomic makeup of the bacterial
communities where the compounds are released and metabolized (del Giorgio and Cole, 2000;
Giovanni and Rappé, 2000; Cherrier and Bauer, 2004). Due to the tight coupling between produc-
tion and utilization processes of free amino acids (Billen and Fontigny, 1987; Fuhrman, 1987; Suttle
et al., 1991; Keil and Kirchman, 1999) their concentrations are generally very low and range from
undetectable concentrations (<1 nM) to 70 nM in surface waters and 4 nM in the deep ocean (Lee
and Bada, 1977; Suttle et al., 1991; Keil and Kirchman, 1999; Bronk, 2002; Cherrier and Bauer,
2004). Dissolved combined amino acid concentrations have been observed to be 5 to 20 times
higher than those of free amino acids and range from 150 to 4,200 nM in surface waters and 150 to
550 nM in deeper waters (Keil and Kirchman, 1991a, 1999; Dittmar et al., 2001; Cherrier and Bauer,
2004). Particulate amino acid concentrations vary strongly and can be >600 nM at the sea surface
and <20 nM in the deep sea (Dittmar et al., 2001).

Compared to free amino acids and proteins, amino acids in structural polymers are less accessible
to bacterial attack and become enriched over the course of degradation. Because of the preferential
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decay of free amino acids and proteins, and the relative enrichment of structural polymers, the
amino acid composition changes characteristically over the course of degradation (Wakeham
et al., 1997; Dauwe et al., 1999). Most amino acids have two (D and L) stereoisomers. D-amino acids
are an important component of bacterial cell walls. Nonbacterial phytoplankton, however, does not
contain D-amino acids. The relative ratio of D-amino acids increases during bacterial degradation.
In the deep sea more than 40% of alanine is D-alanine, indicating that dissolved organic matter
has been extensively reworked by bacteria (McCarthy et al., 1998; Dittmar et al., 2001). Amino
acids abiotically racemize, but at ambient seawater temperatures the process is slow and does not
contribute significantly to the natural abundance of b-amino acids (Dittmar et al., 2001). Because
of these characteristic degradation patterns, amino acids are excellent molecular indicators for the
degradation history of dissolved organic matter.

Modern analytical techniques are sensitive enough to quantify amino acids in seawater in natural
abundance, and desalting is not required. Dissolved free amino acids (DFA As) are analyzed directly
in seawater. Bound or dissolved combined amino acids (DCA As) must be hydrolized (Section 4.3)
prior to amino acid analysis and are reported as the difference between total hydrolizable amino
acids (THAAs) and DFAA.

Amino acids in seawater can be determined on the molecular level or as total amines. The analy-
sis of total amines in seawater has the advantage of easy operation that allows its routine application
on a research vessel. However, the reagents used for amino acid analysis (see below) are not specific
to the amino acid functional group, —(NH,)COOH), but to the amine group alone, -NH,. Therefore,
in contrast to chromatographic methods, which separate amino acids from each other and from the
matrix, bulk methods include amines other than amino acids (North, 1975; Aminot and Kérouel,
2006). A current review and an optimized procedure for the determination of total dissolved free
amines in seawater can be found in Aminot and Kérouel (2006). After hydrolysis (see below), the
same method can be used for the determination of total combined amines.

For the molecular-level determination of amino acids, samples are analyzed after derivatization
via high-performance liquid chromatography (HPLC) with fluorescence detection (Section 4.4.2).
If chiral derivatization reagents are used, D- and L-amino acids are also separated, which provides
an additional level of information (Section 4.4.1). Alternatively to HPLC, amino acid enantiomers
can also be analyzed via gas chromatography (GC; McCarthy et al., 1998). If the GC is coupled to
an isotope-ratio mass spectrometer, stable carbon and nitrogen isotopes (8"3C, 8'°N) can be ana-
lyzed on individual amino acids, which provides further detail on the origin and cycling of the
amino acids in seawater (McCarthy et al., 2004, 2007) (see also Chapter 6). The GC method is less
sensitive than the HPLC method, and preconcentration of the seawater samples, for example, via
ultrafiltration or solid-phase extraction, is required. In the following sections, practical guidelines
are given for sampling, acid hydrolysis, and the molecular-level determination of amino acids and
their stereoisomers in seawater via HPLC.

4.2 SAMPLING AND AVOIDANCE OF SAMPLE CONTAMINATION

Amino acids are abundant in the human environment but present in seawater at low concentrations.
A human fingerprint can contain more amino acids than a liter of seawater. Extreme care must
therefore be taken to avoid sample contamination at all analytical steps, including sampling. A care-
ful determination of the procedural blank is mandatory for accurate and precise determination of
amino acids in seawater. Prior to use, all nonvolumetric glassware should be rinsed with ultrapure
water, covered with aluminum foil, and muffled at 500°C for at least 4 hours. Volumetric glassware
and plastics should be rinsed with 1 M NaOH, soaked in 1 M HCL, thoroughly rinsed with ultrapure
water, and dried in a dust-free environment. Material can be stored in muffled aluminum foil or
cleaned glass or plastic containers. All reagents should be of the highest available quality. Reagents
can easily contaminate after opening, especially through dust. Handling of all materials and open
containers in a laminar flow hood with filtered air supply can reduce the risk of contamination.
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Thorough blank tests using all materials and reagents should precede sampling and analysis. Many
reagents and even UV-treated ultrapure water can contain considerable amounts of amino acids.
The use of reagents from a different manufacturer or the use of bottled HPLC-quality water may be
required in this case. Nonpowdered nitrile gloves (rinsed with ultrapure water) should be worn at all
times during sampling and analysis, and contact with contaminated surfaces (e.g., door knobs, skin,
bench tops) has to be avoided. If samples are drawn from a shared sampling system (e.g., rosette
of Niskin bottles), other persons collecting subsamples from the sampling system have to be made
aware of these standard precautions that must be maintained. Common sources of contamination
on research vessels are lubricants on the hydro wire or conductivity-temperature-depth (CTD) cable,
smoke, and the use of grease or sealants on the rosette system.

To separate particulate from dissolved amino acids, water samples have to be filtered imme-
diately after sampling. For dissolved amino acid analysis, the collection of 10 mL water is rec-
ommended. For the recovery of sufficient particulate amino acids, the filtration of 100 mL is
sufficient, even for samples collected from the deep sea. However, more representative particulate
matter samples are obtained if larger volumes, usually 1 L, are filtered. Filters should be stored
frozen at —20°C or below for subsequent analysis. Whatman GF/F glass fiber filters (nominal pore
size = 0.7 um) are most commonly used for this purpose. These filters are binder-free and can be
muffled at 450°C. Higher combustion temperatures can negatively impact the performance of the
filters. Excessive pressure or vacuum (exceeding 0.5 bar of pressure gradient) during filtration can
break cells and has to be avoided. Gravity filtration directly from the Niskin bottles is preferable.
For this purpose, a filtration cartridge containing a precombusted GF/F filter is attached to the
spigot of the Niskin bottle with a Teflon tube (see Figure 8.3). The first 20 mL of permeate should
be discarded before collecting the filtered sample. The filter can be recovered for particulate amino
acid analysis. If only dissolved amino acids are of interest, disposable syringe filter cartridges can
be used. If rinsed with 20 mL sample, these cartridges generally do not contaminate the samples
and are easier to use than reusable cartridge filter holders. However, as a precaution, blanks for
the disposable filter cartridges should always be collected. Some protocols require that samples be
filtered through a smaller pore size filter than GF/F. In this case, samples can be cleanly filtered
through thoroughly rinsed (>20 mL of sample) polycarbonate filters (0.2 pm). Depending on the
manufacturer, soaking of the polycarbonate filters with 0.1 M HCI for several hours might be
required to obtain acceptable blanks.

If gravity filtration is not practical, samples can be filtered via either vacuum filtration or syringe
filtration. Vacuum filtration entails a relatively extensive setup. Because of the additional procedural
steps, particular care must be taken to avoid sample contamination. All glassware must be precom-
busted and filtration should be carried out under a laminar flow hood, if available. Alternatively,
syringe filtration is simpler and, as such, may be a preferred method if the filtration is to be done in
the field. Simple polyethylene syringes (cleaned with NaOH and HCI as described above), without
rubber stoppers or lubricants, are most suitable for filtration. When syringe filtering, the sample
has to be pushed very slowly through the filter cartridge to avoid excess pressure and breakage of
cells. Filtered samples can then be collected into either precombusted glass ampoules (20 mL) or
precombusted glass vials (20 mL) equipped with acid-washed Teflon-lined closures. If the former,
ampoules are fire-sealed immediately after sampling. Handheld butane burners are now widely
available for this purpose (see Figure 2.1). After filtration, samples should be immediately frozen at
—20°C or below. To avoid breakage, glass ampoules or vials should be filled half-full only (10 mL)
and be frozen in an angular position. If freezers or dry ice are not available on site, samples must be
preserved chemically. Acidification to pH 2 with HCl is the method of choice (10 M HCI; 10 pL per
10 mL sample) if free amino acids are not of major interest. Weak hydrolysis may occur at this pH,
which may impact the distribution of free amino acids. Addition of sodium azide (sample concen-
tration 1.5 mM) keeps samples stable at room temperature for over a month (Kaufman and Manley,
1998). The use of mercury chloride as a preservative may impact the amino acid distribution in the
samples because of its strong complexation properties and affinity to organic sulfur. If possible, the
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TABLE 4.1
Materials and Reagents for General Preparation and Sampling

Equipment and Materials Reagents

Whatman binder-free GF/F glass fiber filters (25 or 47 mm)  Hydrochloric acid (10 M)

Where applicable, polycarbonate filters (0.2 um) Acid bath (HCI, 1 M)

Glass ampoules (20 mL) and butane gas burner or glass vials Hydroxide bath (NaOH, 1 M)
(20 mL) with Teflon-lined enclosures

Micropipette Ultrapure water

Forceps

Teflon tubing and fittings

Nitrile gloves

Furnace (for combustion of glassware and filters)

Additional equipment for gravity filtration:

GF/F filter housing (47 or 25 mm)

Additional equipment for syringe filtration:

Syringe filter cartridge (47 or 25 mm)

Polyethylene syringes

Additional equipment for vacuum filtration:

Vacuum filtration unit (precombusted glass or acid-washed
polycarbonate), including vacuum pump

Laminar flow hood

use of azide and mercury should be avoided in the field, because of their environmental and human
toxicity. A list of materials and reagents needed for sampling is presented in Table 4.1.

4.3 HYDROLYSIS

Dissolved free amino acids (DFA As) are analyzed directly in the filtered seawater samples, without
the need for additional procedural steps. For the analysis of hydrolyzable amino acids (THAAs, i.e.,
free plus combined), samples must first be hydrolyzed prior to analysis. Acidic hydrolysis can be
performed in liquid or vapor phase using HCI. Liquid-phase hydrolysis induces considerably less
racemization than vapor-phase hydrolysis (Kaiser and Benner, 2005). For enantiomeric amino acid
analysis liquid-phase hydrolysis is therefore preferable. However, it has been reported that vapor-
phase hydrolysis is more efficient for the hydrolysis of nonprotein amino acids, and it yields up to
300% higher amino acid concentrations in seawater than traditional liquid-phase hydrolysis (Keil
and Kirchman, 1991b). Details on vapor-phase hydrolysis can be found in Tsugita et al. (1987) and
Keil and Kirchman (1991b). A recent update and detailed discussion of the hydrolysis-induced race-
mization of vapor-phase hydrolysis is in Kaiser and Benner (2005).

During acidic hydrolysis glutamine (Gln) and asparagine (Asn) react into glutamic acid (Glu) and
aspartic acid (Asp), respectively. Consequently, these amino acids should be reported as the sum of
Gln + Glu (Glx) and Asp + Asn (Asx). Methionine and tryptophan are usually omitted because they
are recovered inefficiently from acid hydrolysis (Kaiser and Benner, 2005). As a result, these amino
acids are rarely determined in marine samples. If tryptophan is of interest, alkaline hydrolysis as
described in Wu and Tanoue (2001) can be used.

The acidic liquid-phase hydrolysis method described in the following is a streamlined version
of the approach described in Fitznar et al. (1999). For hydrolysis of water samples, 0.5 mL of the
sample is transferred into a 2 mL glass ampoule, and 0.5 mL HCI (12 M) and 5 pL ascorbic acid
(11 mM) are added. Ascorbic acid is used to prevent sample oxidation during hydrolysis (Robertson
et al., 1987). For the analysis of particulate amino acids, a 25 mm GF/F filter or a quarter of a 47 mm
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TABLE 4.2
Materials and Reagents for Hydrolysis

Equipment and Materials Reagents

Heating and N, evaporation manifold, Hydrochloric acid (12 M for water samples,

or freeze drier with HCI trap or 6 M for filter samples)
Furnace Sodium hydroxide solution (0.1 M)
pH meter Ascorbic acid solution (11 mM, 2 g L)
Butane gas burner Compressed nitrogen (ultrapure)
Micropipette

Pasteur pipettes

Glass ampoules (2 mL)
Autosampler vials (1 mL)
Forceps

GF/F filter is folded and transferred into the 2 mL ampoule, and 1 mL HCI (6 M) and 5 pL ascorbic
acid (11 mM) are added. The headspace of the ampoules is then flushed with ultrapure N, for about
1 minute, using Pasteur glass pipettes. Immediately thereafter, the ampoules are fire-sealed (see
Figure 2.1). The ampoules are then placed into a furnace, and the temperature is kept stable (within
12°C) at 110°C for 24 hours. After hydrolysis, aliquots of the samples (0.5 mL) are transferred into
HPLC autosampler vials. The supernatant of the particulate samples has to be removed very care-
fully to avoid particles in the samples. Centrifugation of the supernatant helps to remove particles
from the supernatant but is usually not required. The samples are then evaporated to complete
dryness in a heated manifold (80°C) under a N, stream or lyophilized in a freeze drier, equipped
with an HCI trap. The samples are rehydrated with 100 pL ultrapure water whose pH is carefully
adjusted to 10.0 with NaOH (0.1 M). Losses of amino acids do not occur during this procedure.
Nevertheless, L-glutamic acid-methyl-ester may be added as an internal standard after hydrolysis
to monitor potential losses during drying and redissolution. The sample hydrolysates should be
stored at 4°C and analyzed within a day of hydrolysis. If immediate analysis is not possible, the
hydrolysates can be stored frozen (-20°C) or preserved with sodium azide (1.5 mM) for more than
a month (Kaufman and Manley, 1998). A summary of materials and reagents needed for hydrolysis
is presented in Table 4.2.

Hydrolysis-induced racemization should convert less than 5% of free amino acids from L- into
D-enantiomers. If within this limit, a numeric correction of the sample results is usually not per-
formed. However, hydrolysis-induced racemization should be frequently monitored by exposing an
amino acid standard mix to the same hydrolytic procedure as for samples.

4.4 AMINO ACID ANALYSIS

4.4.1 ENANTIOMERIC AMINO ACID ANALYSIS

The enantiomers of the individual amino acids, which are released by hydrolysis or are freely dis-
solved in seawater, can be analyzed via HPLC and fluorescence detection after derivatization with
a chiral reagent (Kaufman and Manley, 1998; Fitznar et al., 1999). Derivatization is performed
with o-phthaldialdehyde (OPA) and N-isobutyryl-L/D-cysteine (IBLC or IBDC, respectively) before
injection onto the HPLC column. The amino acid enantiomers (D-AA, L-AA) react into diastere-
omers that can be separated on a conventional reversed-phase C,; column:

D-AA + IBLC + OPA #L-AA + IBLC + OPA
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and
D-AA +IBDC + OPA #L-AA + IBDC + OPA

However, the reaction products of IBLC/OPA and a b-amino acid is the same as the products from
the reaction of IBDC/OPA with the respective L-amino acid:

D-AA +IBLC + OPA =L-AA + IBDC + OPA
and
D-AA +IBDC + OPA =L-AA + IBLC + OPA

This fact can be used for unambiguous peak identification and to identify coelution. Each sample is
analyzed twice, first with IBLC + OPA and then with IBDC + OPA. The retention times of b- and
L-amino acids are inverted in the two runs, but nonstereoisomeric compounds always elute at the
same time (Figure 4.1). Only the amino acids that are unambiguously identified in both runs should
be reported.

Depending on the manufacturer, some of the reagents used for derviatization contain signifi-
cant amounts of amino acids; for example, the IBC reagents can contain detectable amounts of
racemic alanine. Blank correction of the results is important. For blank correction of hydrolyzed
samples, hydrolysates of ultrapure water are derivatized and analyzed using the same procedure as
for samples. For the determination of free amino acids, ultrapure water is directly analyzed without
preceding hydrolysis. A blank is unacceptable if it exceeds 20% of the individual amino acid con-
centrations in the sample. In this case, the use of new reagents and thorough cleaning of all analyti-
cal material might be required prior to the analysis of seawater samples.

A consistent sample pH is essential for reproducible derivatization and retention time. Therefore,
OPA is dissolved in a borate buffer solution, whose pH is carefully adjusted to 9.5. However, even
traces of hydrochloride acid from the hydrolysis can considerably reduce the efficiency of the
derivatization and change retention times. For the preparation of the derivatization solutions, first
a borate buffer solution (0.5 M, 31.8 g L' of boric acid) is prepared. The pH is adjusted to 9.5 by
adding successively sodium hydroxide solution (12 M) and continuously monitoring the pH with a
pH meter. OPA is dissolved in the buffer at a concentration of 5 g L-!. The IBLC and IBDC reagents
(5 g L) are dissolved first in methanol, and then water is added at a ratio of 4:6 (methanol:water).
The OPA, IBLC, and IBDC solutions are unstable at room temperature. The solutions are stable for
a few days at 4°C. For storage, the derivatization solutions can be divided into autosampler vials and
stored frozen (-20°C) for more than 1 year. The reagent solutions are thawed at room temperature
immediately prior to analysis. A summary of materials and reagents needed for derivatization is
presented in Table 4.3.

Derivatization is performed immediately before injection with an intelligent autosampler either
in a sample vial or within the sample loop. Two or three mixing cycles are usually performed.
Manual derivatization is also possible, but has to be performed immediately before injection onto
the HPLC column. In order to keep the blank signal at a minimum, the use of the smallest possible
amount of derivatization reagents is recommended. For derivatization, 100 UL of sample is thor-
oughly mixed with 2 uLL OPA and 2 pL IBC (IBLC or IBDC) reagents. The reagent:sample ratio
and the reaction time have considerable influence on the reaction efficiency (Kaufman and Manley,
1998). For reproducible results, the observation of precise reaction times and mixing rates is essen-
tial. The autosampler should be kept at 4°C to prevent sample and reagent decay.

The chromatographic separation of the amino acid enantiomers is performed on a conven-
tional reversed-phase C,; column, and a linear binary solvent gradient between an aqueous buffer
solution (pH 6.0) and acetonitrile. The buffer solution consists of 25 mM sodium acetate hydrate
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FIGURE 4.1 Chromatograms of an L-amino acid standard mix (a, b) and hydrolysates of a surface seawater
sample from the central East Sea, offshore Korea (c, d). Duplicate runs are shown, using IBLC (a, ¢) and IBDC
(b, d) as derivatization reagents. The composition of the standard mix was chosen to reflect approximately
the concentration of the individual amino acids in seawater. In an IBLC run, the L-amino acids elute at the
same retention time as the respective D-amino acids in an IBDC run. The samples were run on a Shimadzu
HPLC system (10ADvp), equipped with a high-pressure binary solvent delivery system, degasser, intelligent
autosampler, sample cooler, column heater, and fluorescence detector. Samples and derivatization reagents
were kept at 4°C in the autosampler. For derivatization 90 uL sample was mixed with 2 uL. OPA and 2 pL
IBC reagents at 4°C in the autosampler. An Alltech Alltima HP C18 column (5 pm; 4.6 X 150 mm) with an
Alltech Alltima HP C18 guard column (5 um; 4.6 X 7.5 mm) was used for separation. The column temperature
was regulated at 25°C. Sample injection volume was 10 uL, and the flow rate of the eluent was 1.1 mL min~'.
Fluorescence was detected at 330/445 nm. A gradient program with acetate buffer (Table 4.3) and acetonitrile
was used for separation: 0—5 minutes 2% acetonitrile, 5-105 minutes linear gradient 2%—24% acetonitrile,
105-110 minutes linear gradient 24%—-80% acetonitrile, 110—115 minutes hold at 80%, 115—-120 minutes lin-
ear gradient 80%—2% acetonitrile, hold at 2% for 5 minutes before next injection.

(3.4 g L"), whose pH is carefully adjusted to 6.0 with hydrochloric acid (0.1 M). Careful pH
adjustment of the mobile phase is essential, because even small variations of pH can cause con-
siderable changes in retention time. Injection volume, gradient program, flow rates, and column
temperature depend on the column used. These parameters should be optimized for baseline sep-
aration of all amino acids. To protect the main chromatographic column, a guard column should
be used and exchanged when fluctuations in retention time or pressure are observed. An example
of chromatographic parameters is given in Figure 4.1. After each run, the column is rinsed with
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TABLE 4.3
Materials and Reagents for Enantiomeric Amino Acid Analysis

Equipment and Materials Reagents

Binary solvent gradient HPLC system OPA reagent: o-phthaldialdehyde (5 g L") in boric acid (0.5 M,

Intelligent autosampler for sample 31.8 g L), adjusted to pH 9.5 with sodium hydroxide (12 M)
derivatization and sample cooling (4°C) IBC reagent: N-isobutyryl-D-cysteine (5 g L") or N-isobutyryl-L-

HPLC column heate cysteine (5 g L) in methanol (400 mL L") and water

HPLC fluorescence detector r (600 mL L")

HPLC reversed-phase C,5 column Mobile phase A: sodium acetate hydrate 25 mM (3.4 g L"),

pH meter adjusted to pH 6.0 with hydrochloric acid (0.1 M)

Microbalance Mobile phase B: acetonitrile

Micropipettes

Volumetric flasks

100% acetonitrile. Fluorescence is detected at an excitation wavelength of 330 nm and an emis-
sion wavelength of 445 nm. Sensitivity can be increased approximately fivefold at an excitation of
230 nm. However, more interfering peaks are usually observed at this wavelength (Fitznar et al.,
1999). If a dual-wavelength detector is available, simultaneous detection at 330/445 nm and
230/445 nm is recommended. For quantification, the strongest and best-resolved peak can then be
chosen from the two detector signals.

The elution time of the individual amino acids depends on the chromatographic conditions. For
initial peak identification, a solution of each individual amino acid should be injected. For external
calibration, a standard mix containing at least glycine (Gly), y-amino-butyric acid (GABA), and
all L-amino acids can be used. The proportion of each amino acid in the standard solution should
reflect approximately the expected proportions in the sample. Lysine is known to form unstable
OPA-IBC derivates and is therefore not considered. An example of stock solution concentration
that reflects deep sea concentrations is given in Table 4.4. The amino acids used for the prepara-
tion of the stock solution can be obtained as powder, which should be kept cool and dry, ideally
in a desiccator at 4°C. For the quantification of D-amino acids in an IBLC run, the IBDC run of
the L-amino acids standard mix can be used, and vice versa. A stock solution of the standard mix
can be stored frozen (-20°C) in 1 mL glass ampoules for years. Immediately before use, standard
solutions are prepared from the stock. The remaining stock solution from an opened ampoule is
discarded. For calculating the sample concentration, the procedural blank has to be subtracted and
an enrichment factor from evaporating and redissolving (2.5 for dissolved amino acid analysis) has
to be taken into account.

The detection limit for each individual amino acid should be 1 nM or less. The coefficient of
variation between multiple runs should be <5% for each individual amino acid. One duplicate run
(with IBLC and IBDC) takes approximately 4 hours.

4.4.2 SiMPLIFIED AMINO ACID ANALYSIS

If the analysis time of the above-described method is unacceptably long, and if the advantages
of determining enantiomer ratios and obtaining unambiguous peak identification can be compro-
mised, the HPLC approach described by Lindroth and Mopper (1979) and Cowie and Hedges (1992)
can be used. A recent update of the method can be found in Maie et al. (2006). The main difference
between this and the enantiomeric approach is that no chiral derivatization reagent is used. The IBC
reagent is substituted by mercaptoethanol. The number of peaks is therefore smaller, and chroma-
tography can be performed faster, employing a steeper gradient program.
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TABLE 4.4

Suggested Composition of the Amino Acid Stock Solution, Reflecting
the Approximate Concentrations of the Individual Amino Acids in
Hydrolyzed Deep-Sea Water (Dittmar et al., 2001)

Amino Acid Abbreviation  Stock Solution (uM) Stock Solution (mg L)
Aspartic acid Asp 2.0 0.27
Glutamic acid Glu 1.5 0.22
Serine Ser 1.5 0.16
Threonine Thr 1.0 0.12
Glycine Gly 5.0 0.38
Arginine Arg 1.0 0.14
Alanine Ala 5.0 0.45
Y-Amino butyric acid GABA 0.5 0.05
Tyrosine Tyr 0.5 0.09
Valine Val 1.0 0.12
Isoleucine Tle 0.5 0.07
Phenylalanine Phe 0.5 0.08
Leucine Leu 1.5 0.20

Note: The stock solution is prepared in ultrapure water. For the preparation of calibration standard
solutions the following volumes (UL) of stock solution are diluted to 1 mL with ultrapure water: 5,
10, 15, 20, 25.

Source: Adapted from Dittmar et al. (2001).

OPA reagent is prepared in a borate buffer solution as described above, and 100 mL L' mer-
captoethanol is added, as the second derivatization reagent. The derivatization reagents are also
commercially available readily mixed. The same chromatographic conditions and detection param-
eters as described above are used, but a faster gradient between acetate buffer and acetonitrile can
be used to save analysis time. Depending on the column used, acetonitrile may be substituted for
methanol. A typical linear gradient starts with 25% methanol to 45% at 20 minutes and further
increases to 80% methanol at 35 minutes at a flow rate of 0.9 mL min~'. Then the system is returned
to initial conditions and allowed to equilibrate for 3 minutes before the next injection. A standard
buffering system and elution gradient is outlined in Hill et al. (1979), but as described above, the
exact chromatographic conditions will have to be modified according to the specific column used
to obtain baseline separation of the amino acids listed in Table 4.4. Peak identification is done by
retention time only, and coelutions may not always be identifiable. Detection limits, precision, and
reproducibility are similar to those in the enantiomeric analytical method.

4.5 PERSPECTIVES

Marine dissolved organic matter is one of the largest organic carbon pools on earth, but also one of
the most ill-defined components in global biogeochemical models. The history and source of dis-
solved organic matter is imprinted in its molecular composition, and major advances in this field
of research are closely related to our ability to characterize natural organic matter at the molecular
level. Amino acids are among the very few groups of organic components that can be analyzed
at the molecular level at ambient seawater concentrations. The recent advent of advanced analyti-
cal techniques, in particular ultra-high-resolution MS (Fourier transform ion cyclotron resonance
MS) and high-resolution multidimensional nuclear magnetic resonance spectroscopy (NMR), has
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revealed new insights into the molecular composition of marine dissolved organic matter in unsur-
passed detail (Koch et al., 2005; Dittmar and Koch, 2006; Hertkorn et al., 2006). However, precon-
centration and desalting steps required for these novel analytical techniques inevitably introduce
artifacts. Major efforts are being undertaken for a more efficient isolation of dissolved organic
matter from the saline seawater matrix (Vetter et al., 2007; Dittmar et al., 2008), but complete
recovery has not been achieved yet. Another limitation of the novel analytical techniques is the
enormous instrumental requirements and costs involved. The analysis of both DFAA and THAA,
on the other hand, is comparatively simple and can be performed in most environmental analytical
laboratories. The analytical techniques are well established, and will remain as standard analyti-
cal tools in marine chemistry. Reduced analysis time may be achieved in the future through the
use of novel specialty HPLC columns, or the adoption of the newest ultra-high-performance liquid
chromatography (UPLC) techniques. The data generated by amino acid analysis have probably not
been explored to their full potential. In particular, new multivariate statistical approaches for the
interpretation of amino acid data will probably lead to new insights into the biogeochemical cycling
of organic matter in the ocean (Dauwe et al., 1999; Dittmar, 2004).
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5.1 INTRODUCTION

Chromophoric dissolved organic matter (CDOM) is the term that is most commonly used to describe
compounds dissolved in natural waters that absorb ultraviolet or short-wavelength visible light
energy. Other terms in past and present use include gelbstoff (Kalle, 1938), gilvin (Kirk, 1994), and
yellow substance. These terms refer to the fact that natural waters with high CDOM concentration
are yellow to brown in color due to absorption of blue and green light. For the purposes of optical
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analysis of CDOM, dissolved is defined operationally as the material that will pass a submicron
filter (see Section 5.2), so CDOM may include certain colloids and very small particles in a typical
analysis.

There is a rich history of research on CDOM in natural waters, so the following is an abbrevi-
ated overview of current topics. CDOM is important in natural waters as a major factor controlling
UV and visible light penetration (Kirk, 1994). Hence, CDOM is an important factor influencing
photobiology as well as ocean color-based remote sensing of aquatic environments (Carder et al.,
1989; Arrigo and Brown, 1996; Nelson and Siegel, 2002; Mueller et al., 2003; Siegel et al., 2005).
CDOM also sensitizes photochemical reactions in the aquatic environment, including production
or photolysis of climatically relevant trace compounds such as carbon monoxide, carbonyl sulfide,
and dimethyl sulfide (Mopper and Kieber, 2002). Furthermore, CDOM appears to be present in all
natural waters and at all ocean depths (Nelson et al., 2007). Abundance and distribution of CDOM
in the global ocean appears to be controlled by in situ production, photochemical bleaching, ter-
restrial input, and deep ocean circulation (Blough et al., 1993; Nelson et al., 1998, 2007; Blough
and Del Vecchio, 2002; Siegel et al., 2002; Spencer et al., 2007a). There is therefore considerable
interest in accurate and reproducible quantification and characterization of CDOM, and this chapter
is intended as a practical guide.

At present, little is known about the chromophoric compounds that make up CDOM, but it is
speculated that they include humic and fulvic acids derived from terrestrial plant matter, as well
as compounds derived from decomposing particulate material or excreted by organisms in situ
(Blough and Del Vecchio, 2002; Rochelle-Newall and Fisher, 2002; Nelson et al., 2004; Del Vecchio
and Blough, 2004; Steinberg et al., 2004). Recent chemical characterizations of open-ocean and
lake samples suggest that CDOM contains polychlorinated biphenyl carboxylic acids thought to be
derived from in situ biological activity (Repeta et al., 2004), and also cont